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Abstract 

Antimicrobial resistance has rapidly become one of the biggest threats to global health; 

a crisis only exacerbated by a lack of new antibiotic development. Currently, the 

bacterial cell envelope is a primary target of several antibiotics. This structure differs 

between Gram-positive and Gram-negative organisms; the most striking variation 

being the presence of an additional Gram-negative outer membrane. However, 

developing antimicrobial agents with similar modes of action to current cell envelope-

targeting antimicrobials such as ɓ-lactams and vancomycin may remain susceptible to 

pre-existing bacterial resistance mechanisms. Therefore, there is the urgent need for 

agents acting on thus far unexploited targets. 

Two such emerging strategies are targeting of the bacterial cytoplasmic membrane in 

both Gram-positive and Gram-negative bacteria and disrupting the outer membrane in 

Gram-negative bacteria to improve efficacy of already approved antibiotics. Therefore, 

the aim of this thesis was to develop multiple fluorescence-based assays to screen for 

these effects in both novel natural product compounds and current clinically used 

antibiotics. 

Through this, I was able to develop fluorescence-based assays for the detection of 

both inner membrane depolarisation and permeabilisation in the Gram-positive and 

Gram-negative model organisms, Bacillus subtilis and Escherichia coli respectively, 

and techniques investigating outer membrane permeabilisation and multidrug efflux 

inhibition in E. coli. Implementation of these screens allowed for the identification of 

several Actinomycete-derived antimicrobial extracts with cytoplasmic membrane 

effects in B. subtilis. Preliminary mode of action studies of these were also performed 

using further microscopic experimentation. Finally, I utilised these techniques to further 

elucidate the mode of action of two clinically relevant membrane-targeting 

antimicrobials: daptomycin and octenidine, and investigate the membrane effects of 

PanT toxins identified from various bacteria and bacteriophages. 
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Chapter 1 ï Introduction 

1.1 ï The bacterial cell envelope 

The bacterial cell envelope is a complex multi-layered structure that serves to provide 

structural integrity to the cell, and protect it from both internal osmotic pressures and 

stressors from the external environment. The cell envelopes of most bacteria fall under 

two main categories. Gram-negative bacteria are surrounded by a cytoplasmic 

membrane, a thin peptidoglycan cell wall and an additional outer membrane. Gram-

positive bacteria, on the other hand, lack an outer membrane but are surrounded by a 

thicker peptidoglycan cell wall (Fig. 1). Another difference is the presence of cell 

surface polymers known as teichoic acids in the Gram-positive cell envelope. These 

can be either cytoplasmic membrane-bound, lipoteichoic acids (LTAs), or anchored to 

peptidoglycan, wall teichoic acids (WTAs). For this thesis, I will discuss all components 

of the bacterial cell envelope as both B. subtilis and E. coli (the model Gram-positive 

and Gram-negative organism respectively) are used throughout this study.  

1.1.1 ï The Gram-negative outer membrane  

Starting from the outside of the cell and proceeding in, the outer membrane is a unique 

asymmetric lipid bilayer. The inner leaflet is composed of phospholipids, whilst the 

outer leaflet consists almost exclusively of large glycolipids termed lipopolysaccharides 

[LPSs; (Kamio and Nikaido, 1976)]. The phospholipid composition of the inner leaflet 

is similar to that of the Gram-negative cytoplasmic membrane, which is discussed in 

detail below, but in short contains three main phospholipid species: 

phosphatidylethanolamine (PE), phosphatidylglycerol (PG) and cardiolipin (CL). 

Embedded within this membrane environment are also a large proportion of integral 

membrane proteins called outer membrane proteins, or OMPs; examples of which will 

be expanded upon later. 

LPS is a complex molecule that consists of three distinct units: (i) the hydrophobic lipid 

A formed from phosphorylated glucosamine disaccharide, attached to up to seven acyl 

chains, (ii) a relatively short oligosaccharide core, which contains anionic groups and 

(iii) a distal O-antigen region containing varying numbers of oligosaccharide repeats 

(Fig. 1) (Nikaido, 2003). LPS synthesis occurs at the cytoplasmic membrane, with lipid 

A and the core oligosaccharide produced on the cytoplasmic side whilst the O antigen 

is synthesised independently on both faces of the cytoplasmic membrane (Bertani and 

Ruiz, 2018). The core-lipid A molecule is flipped to the periplasmic side by the ATP-

binding cassette (ABC) transporter, MsbA (Zhou et al., 1998), where it is subsequently 
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Figure 1: Graphical representations of the Gram-positive (top panel) and Gram-
negative (bottom panel) bacterial cell envelopes, featuring the generic structure 
of a lipopolysaccharide molecule (insert). Both are expanded upon in the text, but 
note the presence of an additional outer membrane in Gram-negatives; whilst the 
Gram-positive cell envelope contains many more layers of peptidoglycan and anionic 
polymers known as teichoic acids. Created with BioRender.com.  
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joined to the O-antigen portion by the ligase WaaL (Raetz and Whitfield, 2002). 

Transport of LPS to the outer membrane is mediated by the LPS transport (Lpt) 

system, which involves seven essential and conserved proteins (LptA-G). This 

complex spans all compartments of the cell and is responsible for extracting LPS from 

the cytoplasmic membrane, transporting it across the periplasmic space, and inserting 

it into the outer leaflet of the outer membrane (Okuda et al., 2016).  

In contrast, how phospholipids are transported between the inner and outer membrane 

is less well-studied; however, it is known that movement is bidirectional (Jones and 

Osborn, 1977; Donohue-Rolfe and Schaechter, 1980; Langley, Hawrot and Kennedy, 

1982). One proposed system is the Mla pathway, which commonly consists of 6 

proteins, MlaA-F. E. coli mutants defective in this complex have been shown to exhibit 

increased sensitivity to detergents and hydrophobic compounds (a hallmark of outer 

membrane destabilisation) (Malinverni and Silhavy, 2009) and it has been 

demonstrated that phospholipids readily bind 3 Mla proteins: MlaA, MlaC, and MlaD 

(Thong et al., 2016; Abellón-Ruiz et al., 2017; Ekiert et al., 2017). Despite this, the 

directionality of phospholipid transport mediated by the Mla system is still heavily 

debated, with reports of both anterograde (from the cytoplasmic membrane to the outer 

membrane; Hughes et al., 2019; Kamischke et al., 2019) and retrograde transport 

(from the outer membrane to the cytoplamsic membrane; Malinverni and Silhavy, 

2009; Powers, Simpson and Stephen Trent, 2020) (Fig. 2).  

Figure 2: Graphical schematic of Mla-mediated phospholipid transport in Gram-
negative bacteria. In brief, phospholipids that have migrated to the outer leaflet of the 
outer membrane can translocate back to the periplasm via MlaAC in a retrograde 
transport process. In contrast, cytoplasmic membrane phospholipids can also be 
transported from MlaD to MlaC in the anterograde direction. From Bishop (2019). 



8 
 

 A known pathway of retrograde transport, however, is the Tol-Pal complex. Again, loss 

of Tol-Pal function was shown to perturb the outer membrane permeability barrier 

(Cascales et al., 2000; Llamas, Ramos and Rodriguez-Herva, 2000). It was 

subsequently discovered that this caused defects in outer membrane lipid asymmetry 

due to accumulation of phospholipids in the outer membrane outer leaflet (Shrivastava, 

Jiang and Chng, 2017), implicating the role of Tol-Pal in retrograde phospholipid 

transport and maintaining outer membrane lipid homeostasis. 

LPS is well-known for its role in activating the host innate immune system in response 

to Gram-negative infection, however its major function is to produce an effective 

bacterial permeability barrier, preventing the entry of inhibitory compounds such as 

antibiotics. Under normal growth conditions, the acyl chains of LPS are all saturated. 

This facilitates tight packing, creating a gel-like state of low fluidity mostly impermeable 

to hydrophobic molecules (Labischinski et al., 1985). Furthermore, strong lateral 

interactions exist between neighbouring LPS molecules due to the cross-bridging 

action of divalent cations such as Mg2+ and Ca2+ (Takeuchi and Nikaido, 1981). 

Nevertheless, LPS can be targeted by antibacterial agents that perturb the 

organisation of the outer membrane bilayer. For example, polymyxins (the class of 

antibiotics that includes the last-resort agents polymyxin B and colistin) compete for 

binding to LPS with divalent cations. The displacement of the lateral interactions results 

in destabilisation of the LPS outer leaflet, allowing penetration of polymyxins into the 

periplasm and for the fatty acid tail region to interact with and permeabilise the 

cytoplasmic membrane (Band and Weiss, 2015). Polymyxin derivatives such as 

polymyxin B nonapeptide, which lack the fatty acid tail (Fig. 3), are less bactericidal or 

not inhibitory at all, but interestingly retain a notable outer membrane-permeabilising 

action (Vaara and Vaara, 1983) and can sensitise bacteria to hydrophobic antibiotics 

such as rifampin; otherwise restricted by the LPS leaflet of the outer membrane. 

Therefore design of such permeabiliser compounds could be of therapeutic value to 

widen the spectrum of already approved antibiotics.  

Furthermore, due to their limited permeability for hydrophilic solutes, Gram-negative 

outer membranes contain non-specific pore forming OMPs termed porins, which allow 

the influx and efflux of small (<600 Da) water-soluble nutrients and waste respectively 

(Nikaido, Rosenberg and Foulds, 1983). Therefore, another mechanism by which  
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Figure 3: The chemical structures of the last-resort antibiotic polymyxin B (PMB) 
and its derivative polymyxin B nonapeptide (PMBN). Note the absence of the fatty 
acid tail in PMBN, which abolishes its bactericidal activity. 

compounds can overcome cell envelope integrity is diffusion through the outer 

membrane porins. This is the case for small hydrophilic antibiotics such as the cell-wall 

targeting ɓ-lactams (Harder, Nikaido and Matsuhashi, 1981; Jaffe, Chabbert and 

Semonin, 1982). 

Finally, antibiotics may gain access to Gram-negative organisms if their multidrug 

efflux systems, that actively extrude compounds from the cell, are defective. I will 

expand on these complexes later in this thesis, but efflux pump inhibitors are thus 

another focus of research attention as a method of potentiating the entry of currently 

used antibiotics (Lomovskaya et al., 2001; Vargiu et al., 2014; Plé et al., 2022). 

1.1.2 ï The peptidoglycan cell wall 

The bacterial cell wall is integral to cell physiology and survival and thus is responsible 

for a number of roles, including maintaining cell shape (Höltje, 1998; Scheffers and 

Pinho, 2005), anchoring other Gram-positive surface components such as enzymes 

(Dramsi et al., 2008) and teichoic acids (which I will discuss in more detail later in this 

chapter), but most crucially protecting the cell against lysis by withstanding the outward 

pressure imposed by the high osmolarity of the cytoplasm. 

In both Gram-negative and Gram-positive bacteria, the cell wall comprises a mesh-like 

peptidoglycan sacculus that surrounds the cytoplasmic membrane. Peptidoglycan is 

composed of long glycan strands formed from alternating N-acetylglucosamine 

(GlcNAc) and N-acetylmuramic acid (MurNAc) residues. Attached to the MurNAc 

group is a species-dependent series of of L- and D-amino acids, most commonly a 

pentapeptide with the sequence L-Ala-ɔ-D-Glu-L-lysine (or -meso-diaminopimelic 

acid)-D-Ala-D-Ala (Al-Dabbagh, Mengin-Lecreulx and Bouhss, 2008), which can be 

cross-linked with each other. 
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Peptidoglycan synthesis begins in the cytoplasm, with the synthesis of UDP-GlcNAc 

from fructose-6-phosphate by the Glm enzymes (Rani and Khan, 2016) and UDP-N-

acetylmuramyl-pentapeptide (UDP-MurNAc-5P) from UDP-GlcNAc by the Mur 

enzymes (Fig. 4) (Lovering, Safadi and Strynadka, 2012). UDP-MurNAc-5P is then 

coupled to membrane-embedded undecaprenyl phosphate (UP) by the integral 

membrane enzyme phospho-MurNAc-pentapeptide translocase, or MraY, yielding the 

product undecaprenyl-pyrophosphoryl-MurNAc-pentapeptide, more commonly known 

as lipid I (Higashi, Strominger and Sweeley, 1967). To form UP, undecaprenyl 

pyrophosphate (UPP) synthase (UppS) catalyses eight sequential condensations of 

isopentenyl pyrophosphate with farnesyl pyrophosphate to produce UPP (Apfel et al., 

1999), which is then dephosphorylated by UPP phosphatase (UppP) (El Ghachi et al., 

2004). Lipid I is then coupled with UDP-GlcNAc by the glycosyltransferase MurG, 

forming undecaprenyl-pyrophosphoryl-MurNAc-pentapeptide-GlcNAc, typically 

referred to as lipid II (Bouhss et al., 2008). The now mature cell wall precursor lipid II 

is subsequently translocated to the outer leaflet of the membrane by a flippase, 

postulated to be MurJ (Butler et al., 2013). It is then incorporated into existing 

peptidoglycan by penicillin binding proteins (PBPs), which can possess both 

glycosyltransferase and transpeptidase activities, or SEDS (shape, elongation, division 

and sporulation) proteins such as FtsW and RodA, which are membrane-bound 

glycosyltransferases (Meeske et al., 2016; Emami et al., 2017). The remaining UPP is 

then released and dephosphorylated back to UP where it can be further reloaded with 

peptidoglycan precursors. This recycling is critical, not only for cell wall synthesis, but 

for other cellular processes that share the lipid carrier, such as teichoic acid synthesis 

in Gram-positives (Watkinson, Hussey and Baddiley, 1971) and lipid A phosphorylation 

and O-antigen synthesis in Gram-negatives (Wright et al., 1967; Touzé et al., 2008). 

UPP recycling can therefore be exploited by antibacterial compounds, an example of 

which is bacitracin, which binds as a complex with metallic ions to UPP, sequestering 

it and preventing its dephosphorylation (Siewert and Strominger, 1967; Storm and 

Strominger, 1973).  
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Figure 4: Simplified schematic of peptidoglycan biosynthesis. In brief, UDP-
MurNAc-5P is formed by the sequential addition of amino acids to UDP-MurNAc by the 
Mur ligases. It is then coupled to membrane-embedded undecaprenyl phosphate (UP) 
by MraY and joined to UDP-GlcNAc by MurG, forming lipid I and II respectively. Lipid 
II is flipped across the cytoplasmic membrane, where it is added to the exisiting glycan 
strand (transglycosylation) and the pentapeptides are cross-linked (transpeptidation) 
by penicillin binding proteins (PBPs) or SEDS proteins. Created with BioRender.com. 

Peptidoglycan synthesis and insertion are regulated by distinct components of the 

bacterial cytoskeleton at different phases in the cell cycle. Actin-like MreB proteins 

assemble a large multi-protein complex, known as the Rod complex or elongasome, 

in several rod-shaped bacteria including B. subtilis and E. coli, which is responsible for 

lateral cell wall synthesis. Later in the cell cycle, orientation of peptidoglycan synthesis 

is shifted by the tubulin-like protein FtsZ, which is conserved in all bacteria and recruits 

proteins to midcell to form a structure called the divisome; as discussed in depth below. 

Finally, to facilitate expansion of the cell wall during cell elongation and division, it is 

necessary to break bonds in the existing peptidoglycan network, allowing insertion of 

newly synthesised material. This function is performed by peptidoglycan hydrolases, 

or autolysins, which are universal among bacteria that possess a peptidoglycan cell 

wall. Autolysins of importance to this project will be described later in this chapter. 
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1.1.3 ï The cytoplasmic membrane 

One of the hallmarks of eukaryotic cells are membrane-bound organelles, which are 

absent from bacteria. Consequently all membrane-associated processes, including 

energy production, lipid biosynthesis, protein secretion and transport are performed in 

bacteria at the cytoplasmic membrane. The bacterial cytoplasmic membrane exhibits 

a classical lipid bilayer structure in which proteins are integrally or peripherally 

embedded, first described by Singer and Nicolson in 1972 as ñThe fluid mosaic modelò. 

Membranes are primarily formed from phospholipids, which are highly polar molecules, 

containing a hydrophilic glycerophosphate head group and two hydrophobic fatty acid 

tails. Bacteria synthesise a number of phospholipids that can vary in fatty acid chain 

length, saturation, branching and the structure, size, and charge of head groups. 

Localisation and content of phospholipid variants can subsequently alter biologically 

relevant membrane properties, eliciting direct effects on membrane-associated 

proteins and processes (Strahl and Errington, 2017). In particular, determination of 

both transmembrane potential and membrane fluidity will be reviewed later in this 

chapter. 

The phospholipid composition of the cytoplasmic membrane differs between bacterial 

species and variations even occur within the same species when exposed to different 

environmental conditions including temperature, osmolality and pH (Marr and 

Ingraham, 1962; Catucci et al., 2004; Ohniwa, Kitabayashi and Morikawa, 2013). Both 

the outer and cytoplasmic membranes of E. coli are predominately composed of the 

zwitterionic PE (~80%), but E. coli additionally synthesises the anionic lipids PG and 

CL [~15% and 5% respectively; (Raetz and Dowhan, 1990)]. In contrast, the 

membrane of B. subtilis is more complex than that of E. coli, containing PE (~49%), 

PG (~25%) and CL (~8%), but also other lipid species including glucolipids (mono-, di- 

and triglucosyldiacylglycerol) and positively charged lysyl-phosphatidylglycerol (lysyl-

PG) (López et al., 1998; Lopez et al., 2006). Other essential lipids include 

undecaprenyl carriers, as discussed in depth in the previous section. The fatty acid 

composition of the cytoplasmic membrane also differs between E. coli and B. subtilis: 

the former primarily producing saturated (SFA), unsaturated (UFA) and cyclopropane 

fatty acids (CFA) (Magnuson et al., 1993; Wang and Cronan, 1994); whilst the latter 

predominantly synthesises branched chain saturated fatty acids (BCFA; Fig. 5) 

(Kaneda, 1977). Modulation of the ratio between lipids carrying these fatty acids is the 



13 
 

most common mechanism by which bacteria maintain stable levels of membrane 

fluidity in response to changes in their environment. 

 

Figure 5: Chemical structures of membrane phospholipid fatty acids found in B. 
subtilis and E. coli. SFA: saturated fatty acid, UFA: unsaturated fatty acid, BCFA: 
branched chain fatty acid, CFA: cyclopropane fatty acid. Adapted from Zhang and 
Rock (2008). 

1.1.4 ï Teichoic acids 

Threaded through the layers of peptidoglycan in Gram-positive bacteria are long 

anionic polymers, known as teichoic acids. In B. subtilis, these are composed from 

repeating units of glycerol-phosphate linked via phosphodiester bonds, to which 

glycosyl and D-alanyl ester residues are attached (Neuhaus and Baddiley, 2003). One 

class of these polymers, wall teichoic acids (WTAs), are covalently bound to the 

MurNAc residues of peptidoglycan by a linkage unit, whereas lipoteichoic acids (LTAs) 

intercalate into the cytoplasmic membrane via a glycolipid anchor (Fig. 6). Collectively, 

these polymers constitute up to 60% of the mass of the Gram-positive cell wall, and 

thus are implicated in a number of cell envelope functions, for example determination 

of cell shape and cell wall porosity, cation homeostasis and acquisition of metal cations 

for cellular function, protection against antibiotics and modulation of the activity of 
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autolysins (Cole et al., 1970; Boylan et al., 1972; Heckels, Lambert and Baddiley, 1977; 

Wecke, Madela and Fischer, 1997).  

Figure 6: The structures of wall teichoic acids (WTA) and lipoteichoic acids (LTA) 
in B. subtilis. Top panel: Wall teichoic acids are formed from a linkage unit and 
repeating glycerol phosphate (Gro-P) units, which can be D-alanylated, Ŭ-glucosylated 
and protonated. Bottom panel: B. subtilis lipoteichoic acids are composed of a 
glycolipid anchor (derived from the membrane lipid diacylglycerol) and a Gro-P 
polymer, onto which protons, D-alanyl esters and Ŭ-GlcNAc and Ŭ-galactose residues 
are added. Adapted from Neuhaus and Baddiley (2003). 

Synthesis of WTAs begins intracellularly on the cytoplasmic face of the membrane, 

with the transfer of GlcNAc-1-P from UDP-GlcNAc to a membrane-embedded UP 

carrier by the enzyme TagO (Soldo, Lazarevic and Karamata, 2002). TagA and TagB 

catalyse the addition of N-acetylmannosamine and a single glycerol-phosphate unit to 

the existing structure respectively (Bhavsar, Truant and Brown, 2005; DôElia et al., 
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2009), thus completing synthesis of the linkage unit. Thirty five to sixty glycerol-

phosphate repeats are then added to this product, by the TagF enzyme, to assemble 

the polymer (Pereira et al., 2008). As stated above, sugars are attached to the final 

WTA; in B. subtilis, this is performed by the glycosyltransferase TagE (Allison et al., 

2011), and subsequently it is exported to the external surface of the membrane by the 

two-component ABC transporter TagGH (Lazarevic and Karamata, 1995). Finally, a 

phosphodiester bond is formed between the polymer and the peptidoglycan MurNaC 

unit, proposed to be catalysed by the TagTUV enzymes in B. subtilis (Kawai et al., 

2011). Only then are WTAs modified by cationic D-alanyl esters (facilitated by the 

dltABCD operon); a key mechanism by which Gram-positive bacteria modulate their 

cell surface charge (Perego et al., 1995). 

For lipoteichoic acids, the glycolipid anchor is initially synthesised in the cytoplasm 

from diacylglycerol and UDP-glucose by the glycosyltransferase UgtP (Jorasch et al., 

1998). This is then transported to the outer leaflet of the membrane by an as yet 

undetermined membrane protein in B. subtilis. Here, glycerol-phosphate repeat units 

are assembled on the glycolipid anchor, derived from the head group of the membrane 

phospholipid PG, catalysed by LtaS and its three homologues YqgS, YvgJ and YfnI 

(Schirner et al., 2009). It is proposed that expression and activity of these proteins is 

tightly regulated to adjust  LTA synthesis in response to different growth and stress 

conditions, and even sporulation (Wörmann et al., 2011). Again, similarly to WTAs, 

LTAs are modified with D-alanine esters by the dltABCD operon. LTAs can also be 

glycosylated, however, in contrast to WTAs, this is commonly with Ŭ-GlcNAc or Ŭ-

Gal residues (Iwasaki, Shimada and Ito, 1986; Iwasaki et al., 1989).  

B. subtilis mutants defective in glycolipid synthesis (i.e. ȹugtP) are viable, and LTA 

synthesis still occurs with the polymer linked to another membrane lipid; however, cells 

exhibit a reduction in length (Salzberg and Helmann, 2008). This is due to the absence 

of UgtP-dependent inhibition of FtsZ assembly and thus there is a disrupted ratio of 

FtsZ rings to cell length (Weart et al., 2007). Additionally, mutants lacking ltaS 

demonstrated a chainy phenotype caused by incomplete Z ring formation (Schirner et 

al., 2009). Deleting all 4 LtaS homologues (thereby inhibiting all LTA synthesis) 

produced chaining and even more severe morphological defects. The mechanism by 

which this reduction or lack of LTAs affects cell division requires further research, 

however it may be that LTAs recruit metallic cations essential for the activity of certain 

divisome enzymes.  
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Deleting tagO or tagA in B. subtilis leads to a complete lack of WTA polymers. These 

bacteria exhibit growth defects, a nonuniform thickening of the peptidoglycan layer and 

a spherical morphology, however they remain viable (DôElia et al., 2006). In contrast, 

deletion of genes involved downstream in the WTA synthetic pathway are lethal. This 

may be due to intracellular accumulation of toxic precursors, such as activated sugars 

or incomplete polymer, or sequestration of the carrier lipid UP, which is also essential 

for cell wall synthesis (described above).  

1.1.5 ï Membrane potential 

The bacterial cytoplasmic membrane is first and foremost a permeability barrier, 

shielding the cytoplasmic content from the extracellular environment. Uptake and 

secretion of ions as well as the internalisation of charged molecules, such as proteins 

and nucleic acids, produces a sharp electrical gradient across the cytoplasmic 

membrane, which is the basis of membrane potential. The overall membrane potential 

of B. subtilis is estimated to be approximately -110 mV from exterior to interior (Hosoi 

et al., 1980; te Winkel et al., 2016), whilst E. coli is reported to exhibit a membrane 

potential of ~-150 mV (Feile et al., 1980; Zilberstein et al., 1984). In bacteria, the 

membrane potential is generally dominated by the H+ gradient due to the pumping of 

protons across the membrane by the electron transport chain (Mitchell, 1961). This 

gradient, known as the proton motive force (PMF), is subsequently used in ion and 

metabolite transport and to power other cellular systems. Other ions, such as Na+ , K+ 

and Ca2+, are transported across the membrane, usually in symport or antiport with 

protons (Fujisawa et al., 2005, 2009; Tascón et al., 2020). However, K+ can also move 

out of the cell through mechanosensitive channels, which are essential in the 

bacteriumôs survival to hypoosmotic shock (Booth and Blount, 2012).  

As stated above, a number of bacterial processes are associated with membrane 

potential; the most well-studied and crucial being the synthesis of ATP. Here, protons 

flow down their gradient through membrane-bound ATP synthases, causing a 

clockwise rotation and the conversion of ADP and inorganic phosphate to ATP. On the 

other hand, under conditions of low PMF, the synthases can function as ATPases,  

hydrolysing ATP to generate a proton gradient (Deckers-Hebestreit and Altendorf, 

1996). Motility also requires membrane potential, and flagellar motor rotation is driven 

by H+ translocation across the membrane, similarly to the ATP synthase (Nakamura 

and Minamino, 2019). In addition, multidrug efflux systems are influenced by the PMF; 

either directly, as the major facilitator superfamily (MFS), the small multidrug resistance 
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(SMR) family, and the resistance/nodulation/cell division (RND) family of pumps 

function as multidrug/proton antiporters (Paulsen, Brown and Skurray, 1996), or 

indirectly as the ABC superfamily is driven by ATP hydrolysis (which is of course 

synthesised via the proton gradient) (Lubelski, Konings and Driessen, 2007). Finally, 

bacteria can modulate their membrane potential to limit uptake of positively charged 

antibiotics such as aminoglycosides (Damper and Epstein, 1981), to enter a ñpersisterò 

state tolerant to antibacterial attack (Verstraeten et al., 2015), or to even enable cell-

cell electrical communication within biofilms (Prindle et al., 2015; Martinez-Corral et al., 

2019).  

Furthermore, it has been identified that membrane potential is crucial for the normal 

localisation of several membrane-associated proteins involved in cell morphogenesis; 

many of which will be discussed later in this thesis due to their roles in division and 

elongation. MinD, and its interaction partner MinC, which are responsible for correct 

positioning of the septum prior to cell division, lose their membrane binding and polar 

localisation upon depolarisation (Strahl and Hamoen, 2010). This is due to the C-

terminal amphipathic helix of MinD no longer associating with the lipid bilayer. This is 

likely the case for the division protein FtsA as well, which also binds the membrane via 

a C-terminal amphipathic helix and becomes mislocalised upon dissipation of 

membrane potential (Strahl and Hamoen, 2010). Other proteins involved in cell division 

(FtsZ, ZapA, SepF, and PBP2B) exhibit a reduction in septal localisation, further 

affecting formation and site of the Z ring (Strahl and Hamoen, 2010). Lastly, MreB, Mbl, 

MreBH, MreC and MreD, all components of the elongasome, lose their localisation 

when PMF was dissipated (Strahl and Hamoen, 2010).  

1.1.6 ï Membrane fluidity and domains 

Membrane fluidity is postulated to be a key parameter of cell viability and that changes 

can dramatically affect membrane protein movement and activity and membrane 

permeability (Haest et al., 1972; Kurita, Kato and Shiomi, 2020); thus a number of 

membrane-associated processes including transport and morphogenesis. Therefore, 

bacterial membranes undergo quick adaptation in response to environmental 

challenges, such as changes in temperature, that disturb membrane fluidity. This is 

known as homeoviscous adaptation and is achieved by bacteria actively altering their 

membrane lipid composition. It was recently shown, however, that 

both E.לcoli and B.לsubtilis can tolerate dramatically large changes in membrane fluidity 

with no effect on growth, and the tight temperature-dependent regulation of membrane 
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lipid composition in these organisms may instead have evolved to maintain membrane 

thickness; another important feature of biological membranes (Gohrbandt et al., 2022).  

The first mechanism of homeoviscous adaptation in B. subtilis involves a rapid 

fluidisation of the membrane, in response to cold shock, increased membrane 

thickness or increased saturated fatty acid chains (Porrini et al., 2014; Saita, Albanesi 

and De Mendoza, 2016). Under any of these conditions, DesK, a transmembrane 

dimeric histidine kinase switches from a phosphatase-active to a kinase-dominant 

state (Aguilar et al., 2001) (Fig. 7). It undergoes autophosphorylation and activates 

DesR, a transcriptional regulator of the des gene. This drives expression of the ȹ5-

lipid desaturase encoded by des, converting SFA chains to UFA ones. Unsaturated 

acyl chains exhibit a kinked shape, therefore the lipids pack with lower densities and 

form a more fluid bilayer. Upon this increase in newly synthesised UFAs, DesK shifts 

back to its phosphatase-active state, dephosphorylating DesR-P and halting 

transcription of the desaturase.  

 

Figure 7: Regulation of membrane fluidity in B. subtilis by the Des pathway. (A) 
Reduced membrane fluidity promotes a kinase-dominant state of DesK, which 
autophosphorylates and activates DesR, resulting in transcriptional upregulation of 
des. (B) ȹ5-Des is expressed and desaturates the membrane phospholipid SFA 
chains, increasing membrane fluidity. From Saita, Albanesi and De Mendoza (2016). 

The second mechanism in B. subtilis involves a longer-term adaptation to changes in 

temperature, since it is achieved by the de novo synthesis of iso or anteiso-BCFAs. 

How the ratio between these two isomers is regulated is far from fully understood, 

however it is thought that upon temperature downshift, the sigma factor ůL interacts 

with the transcriptional regulator BkdR, activating expression of the bkd operon 
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(Wiegeshoff et al., 2006). This operon encodes 7 enzymes 

[ptb, bcd, buk, lpd, bkdAA, bkdAB, and bkdB (Debarbouille et al., 1999)], which are 

responsible for the conversion of isoleucine to Ŭ-keto acids, precursors for anteiso-

BCFA synthesis. The melting point of anteiso-BCFAs is significantly lower than their 

iso- counterpart [e.g., 51.7°C for C15:0 iso and 23.0°C for C15:0 anteiso (Kaneda, 

1991)], thus an increased proportion of anteiso-BCFAs in the membrane increases its 

fluidity.  

In E. coli, membrane fluidity is regulated by adjusting the incorporation of SFAs and 

UFAs. FabA is a key enzyme in UFA synthesis, introducing a double bond into a 10-

carbon acyl chain intermediate (Bloch, 1963) (Fig. 8). FabB and FabF then elongate 

this intermediate to form the UFAs most abundantly found in the membrane 

phospholipids (Garwin, Klages and Cronan, 1980; De Mendoza, Klages Ulrich and 

Cronan, 1983). In particular, the activity of FabF is increased at lower temperatures, 

which is responsible for the synthesis of cis-vaccenic acid, an unsaturated fatty acid 

that is found in increased amounts upon cold shock (Marr and Ingraham, 1962). 

Figure 8: The synthesis of UFAs in E. coli. In brief, the key enzyme FabA introduces 
a cis double bond into a 10-carbon chain intermediate bound to an acyl carrier protein 
(ACP) and catalyses its trans isomerisation. FabB and FabF then elongate this 
intermediate. The FabF-dependent synthesis of cis-vaccenic acid (18:1[11Z]-ACP) is 
particularly increased in response to low temperatures. Adapted from Ernst, Ejsing and 
Antonny (2016).  
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Until recently, the lipid bilayer was thought to be a largely homogenous structure, 

however much speculation and discussion has emerged regarding the existence of 

membrane areas that differ in their composition and physiochemical characteristics, so 

called lipid domains. The most well-studied example of these are lipid rafts in 

eukaryotic membranes, which are low-fluidity areas rich in cholesterol and 

sphingolipids, such as sphingomyelin (Simons and Ikonen, 1997). Although less 

investigated, bacterial cytoplasmic membranes can also exhibit heterogeneity and 

formation of specific lipids domains, such as those with high or low membrane fluidity. 

Areas of increased membrane fluidity have been identified in B. subtilis and since 

named regions of increased fluidity, or RIFs (Strahl, Bürmann and Hamoen, 2014). 

These were initially observed when investigating how membrane depolarisation is 

associated with delocalisation of the bacterial actin homolog MreB and consequently 

the lateral cell wall synthetic machinery (Strahl and Hamoen, 2010; Strahl, Bürmann 

and Hamoen, 2014). This resulted in the formation of membrane foci preferentially 

stained by the uncharged membrane dye Nile red; that were subsequently defined by 

increased membrane fluidity through staining with the fluidity-sensitive dyes Laurdan 

and DiI-C12 (Fig. 9a) (Parasassi and Gratton, 1995; Baumgart et al., 2007). A later 

study by Oswald et al. in 2016 independently confirmed the existence of MreB-

dependent microdomains and additionally demonstrated that they can induce a 

temporal confinement of membrane protein mobility (Oswald et al., 2016). The authors 

also showed that the MreB-associated membrane domain organisation is conserved 

in E. coli, suggesting that domains are a feature of both Gram-positive and Gram-

negative bacteria beyond B. subtilis. The mechanism by which MreB recruits fluid lipids 

remains unclear, but in general membrane fluidity can be increased by (i) the binding 

of charged proteins such as cationic peptides (Mbamala et al., 2005 and see below) or 

(ii) accumulation of lipids that promote local membrane disorder (Zhao, Wu and 

Veatch, 2013). One possible candidate that may be responsible for the formation of 

RIFs is the undecaprenyl-coupled cell wall synthesis precursor lipid II. Lipid II partitions 

into membrane regions of high fluidity and can induce local membrane disorder (Janas 

et al., 1994; Ganchev et al., 2006). Furthermore, MreB organises the biosynthetic 

elongasome thereby directly interacting with MurG and MraY; proteins involved in the 

synthesis of lipid II (Mohammadi et al., 2007; Favini-Stabile et al., 2013). Finally, it 

should be noted that lipid domains with elevated fluidity can exist in the absence of 

MreB (Müller et al., 2016; Wenzel et al., 2018), indicating that MreB dissociation is not 

the only mechanism by which such domains can emerge.  
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Figure 9: Lipid domains in the bacterial cytoplasmic membrane. (a) MreB-
associated high-fluidity membrane microdomains, as demonstrated by the co-
localisation of GFP-tagged MreB and DiI-C12 foci (which preferentially stains 
membrane regions of increased local fluidity). (b) Low-fluidity membrane 
microdomains, as shown by the focalised localisation pattern of GFP-tagged FloT. 
From Strahl and Errington (2017). 

Cholesterol is absent from the membranes of most bacteria, so it was therefore 

assumed that rigidified membrane areas, such as lipid rafts, were limited to eukaryotes. 

This was disputed, however, by the discovery that KinC, a sensory kinase involved in 

biofilm formation, was not functional upon deletion of the farnesyl diphosphate 

phosphatase, YisP (López and Kolter, 2010). YisP catalyses the synthesis of farnesol 

(Feng et al., 2014), a compound that is required for the production of other isoprenoids, 

such as squalene, carotenoids, and hopanoids. These molecules play a role in 

inducing membrane rigidification (Gruszecki and Strzağka, 2005; Spanova et al., 2012; 

Sáenz et al., 2015), and therefore may be analogous to eukaryotic cholesterol. Such 

membrane regions can be purified as they resist detergent solubilisation (Brown, 

2002). Using this technique, KinC was present only in the detergent-resistant 

membrane (DRM) fraction, and only if functional YisP was present (López and Kolter, 

2010). In addition, proteins homologous to eukaryotic flotillins, which localise 

exclusively to lipid rafts (Langhorst, Reuter and Stuermer, 2005), named FloT and 

FloA, were found in abundance in the DRM fraction (Donovan and Bramkamp, 2009; 

López and Kolter, 2010). Absence of flotillins in bacterial membranes reduces 

membrane heterogeneity and leads to a coalescence of regions of lower fluidity (Bach 

and Bramkamp, 2013). Overall, this provides strong evidence that domains of 

increased rigidity do exist in bacterial membranes, however since they do not contain 

cholesterol, they were termed functional membrane microdomains. These domains are 

visible microscopically through the use of fluorescent protein fusions (Fig. 9b); however 

FloT and FloA localise to different areas along the cytoplasmic membrane (Schneider 

et al., 2015; Dempwolff et al., 2016), implying that there may be two distinct 

microdomain systems. In contrast, another recent study demonstrated that flotillins are 
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essential for maintaining membrane fluidity in B. subtilis, and their absence notably 

decreased MreB mobility and, as a consequence, lateral cell wall synthesis (ZieliŒska 

et al., 2020).   Ergo, more research is required into how flotillins organise the bacterial 

cytoplasmic membrane and how this affects protein movement and associated cellular 

processes.  

1.2 ï Antibiotic-relevant cell-envelope associated proteins and processes 

1.2.1 ï The bacterial divisome 

Cell division is critical to the viability of bacteria, and as stated above, in almost all 

bacteria this is governed by a large and highly dynamic molecular machine, known as 

the divisome. The cell division, or fts, genes, so named because thermosensitive 

mutants of these genes conferred a filamentous temperature-sensitive phenotype, 

were first observed by François Jacob's group in the 1960s (Hirota, Ryter and Jacob, 

1968). At the non-permissive temperature, these mutants elongate in the absence of 

cell division, forming filaments longer than 150 µm, compared to ~3 µM long for wild 

type daughter cells. This was followed by the identification of FtsZ in both E. coli and 

B. subtilis, a tubulin-like protein that co-ordinates divisome assembly (Lutkenhaus, 

Wolf-Watz and Donachie, 1980; Beall, Lowe and Lutkenhaus, 1988), and of the cell 

division regulators, MinCD and E (de Boer, Crossley and Rothfield, 1989). Finally, 

perhaps the biggest breakthrough came in 1991, when Erfei Bi and Joe Lutkenhaus 

determined that FtsZ forms a ring-like structure at the site of division, now termed the 

Z ring (Bi and Lutkenhaus, 1991). This was of particular significance, as it 

demonstrated that, similarly to eukaryotes, bacteria utilise cytoskeletal proteins for cell 

morphogenesis. 

Bacterial cell division begins with positioning of the nascent division site, a highly 

precise and regulated process, that in E. coli and B. subtilis takes place within 

approximately 2% of the cellôs midcell (Yu and Margolin, 1999; Migocki et al., 2002). 

This involves both positive regulation that promotes FtsZ assembly in the correct 

position, and negative regulation that prevents mislocalisation of the Z ring i.e., at the 

cell poles or through the nucleoid. Since cytokinesis follows bacterial DNA replication, 

it was proposed that initiation of DNA replication prepares the midcell for FtsZ 

assembly (Moriya et al., 2010). However, it was more recently shown that, instead, the 

chromosome organisation protein, Spo0J, and Noc act collectively to ensure Z rings 

do not form too early in the cell cycle, before most of the chromosome has cleared 

midcell (Hajduk et al., 2019). Other regulatory proteins include EzrA in B. subtilis, which 
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prevents aberrant Z ring formation at cell poles, whilst maintaining correct FtsZ 

assembly at midcell (Haeusser et al., 2007), and MatP and ZapB in E. coli, which co-

ordinate interactions between chromosome segregation and the cell division 

machinery (Espéli et al., 2012). Perhaps the most well-known regulatory mechanisms 

are the Min system, which inhibits Z ring formation at the cell poles, and the nucleoid 

occlusion system (NO), SlmA in E. coli and Noc in B. subtilis, which blocks Z ring 

assembly on portions of the membrane surrounding the nucleoid (Wu and Errington, 

2004; Bernhardt and De Boer, 2005). However, despite what is commonly thought, 

precise placement of the Z ring at midcell still occurs in the absence of both the Min 

and NO systems (Migocki et al., 2002; Rodrigues and Harry, 2012), reiterating that 

these systems are additional safety mechanisms and not essential for establishing the 

medial division site. 

Figure 10: A simplified schematic of the B. subtilis divisome. FtsZ polymers are 
tethered to the cytoplasmic membrane via the functionally redundant anchors FtsA and 
SepF. They also interact with the regulatory proteins, EzrA and ZapA, and the essential 
glycosyltransferase and transpeptidase for cell division, FtsW and PBP2B respectively. 

After division site selection, divisome assembly is initiated by recruitment of the ñearlyò 

division proteins which include FtsZ and its membrane anchor, FtsA, both of which are 

highly conserved among bacteria, as well as other less conserved proteins such as 

SepF, EzrA and the Zaps (Rico, Krupka and Vicente, 2013). This forms the proto-ring, 

or Z ring, onto which more than 30 ñlateò division proteins are assembled, including the 

glycosyltransferase FtsW and the transpeptidase PBP2B (Gamba et al., 2009) (Fig. 

10). Upon completion of the divisome, it constricts and synthesises septal 

peptidoglycan to allow for septum formation and eventually cell division.  
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To form the Z ring, FtsZ polymerises at the intracellular face of the cytoplasmic 

membrane. Recent studies using super-resolution and single-molecule imaging have 

demonstrated that FtsZ polymers exhibit GTP-dependent treadmilling, in which 

polymerisation occurs at one end of the filament and depolymerisation at the other, 

with the central monomers remaining stationary (Bisson-Filho et al., 2017; Yang et al., 

2017). These dynamics ensure the spatial and temporal distribution of the septal cell 

wall synthesis machinery, allowing for smooth septum morphogenesis and correct 

polar morphology.  

1.2.2 ï The bacterial elongasome 

In contrast, the bacterial elongasome directs lateral insertion of peptidoglycan along 

the long axis of the cell and is organised by the membrane associated actin homologue 

MreB. MreB was first identified to determine cell shape in E. coli (Wachi et al., 1987), 

but it has since been discovered that almost all rod-shaped bacteria encode one or 

more actin homologues. The exception are rod-shaped or filamentous bacteria such 

as Actinobacteria, which grow by tip extension: a mechanism independent of MreB 

(Flärdh, 2010). B. subtilis carries three mreB paralogous genes: mreB, mbl (MreB like) 

and mreBH (MreB homologue). MreB is expressed as part of the mre operon, upstream 

of MreC and MreD, other components of the elongasome (Levin et al., 1992), whilst 

Mbl and MreBH are expressed as standalone proteins (Abhayawardhane and Stewart, 

1995; Carballido-López et al., 2006). It initially appeared that an mreB deletion led to 

loss of rod shape and cell lysis in B. subtilis; however, it was subsequently 

demonstrated that high concentrations of magnesium in the growth medium rescue 

viability and morphological defects (Formstone and Errington, 2005). Why magnesium 

saves this phenotype remained unknown for many years, until recently when Tesson 

et al. discovered that MreB depletion disrupts the tightly controlled balance between 

peptidoglycan synthesis and degradation, which is restored by the Mg2+-dependent 

inhibition of autolysin activity (Tesson et al., 2022). Several reports have shown that 

the three paralogues exhibit partially redundant functions, and overexpression of any 

of the MreB isoforms rescues defects in lateral peptidoglycan synthesis and cell shape 

of a triple deletion mutant (Kawai et al., 2009). It is also possible to construct a strain 

carrying deletions of all three actin homologues if rsgI, the anti-sigma factor of ůI, is 

also deleted (Schirner and Errington, 2009). The cells grow well, but exhibit spherical 

morphology, further emphasising the role of MreB and its homologues in lateral cell 

wall synthesis. 
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Figure 11: A simplified schematic of the B. subtilis elongasome. The bacterial 
actin homologues MreB, Mbl and MreBH form short filaments that move around the 
cell width driven by peptidoglycan synthesis. These filaments interact with the cell wall 
synthetic machinery via the other mre proteins, MreC and MreD, and RodZ. PBP 1 and 
PBP 2A are major peptidoglycan synthases both involved in cell elongation. The 
membrane-associated enzymes MraY and MurG synthesise the peptidoglycan 
precursors Lipid I and Lipid II respectively; whilst MurJ is a potential lipid II flippase. 

MreB paralogues form antiparallel double filaments that can polymerise in the 

presence of either ATP or GTP (Dempwolff et al., 2011; van den Ent et al., 2014). This 

arrangement ensures that the hydrophobic membrane-binding loop of both 

protofilaments can interact with the membrane (a process that is enhanced by an 

amphipathic helix in E. coli; Salje et al., 2011) and in particular the membrane-bound 

proteins MreC, MreD and RodZ, which mediate MreBôs contact with the cell wall 

synthetic machinery (Fig. 11). MreB was initially thought to form static helical structures 

running the length of the cell (Jones, Carballido-López and Errington, 2001); however 

recent high-resolution imaging demonstrated that MreB assembles in discrete shorter 

filaments that move circumferentially around the width of the cell (Domínguez-Escobar 

et al., 2011; Garner et al., 2011; van Teeffelen et al., 2011). Furthermore, the curved 

structure of MreB filaments allows them to align and translocate along the direction of 

greatest membrane curvature, inserting cell wall in that direction and maintaining the 

rod shape (Hussain et al., 2018). Finally, motility of MreB filaments and the associated 

elongasome appears to be driven by peptidoglycan synthesis, as movement is rapidly 

halted upon treatment with cell wall synthesis-inhibiting antibiotics or depletion of PBPs 

(Garner et al., 2011; van Teeffelen et al., 2011). 

Aside from their role in cell shape determination and lateral cell wall synthesis, MreB 

isoforms have been shown to have differentiated roles in regulating autolytic activity  

(Carballido-López et al., 2006; Domínguez-Cuevas et al., 2013). Linked to this, I 
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described earlier that correct MreB localisation is dependent on membrane potential 

(Strahl and Hamoen, 2010). Delocalisation, induced by membrane depolarisation, 

leads to aberrant autolytic degradation of the cell wall (as their activity is no longer 

regulated, and the elongasome is not present to insert newly synthesised material), 

ultimately resulting in cell lysis (Scheinpflug et al., 2017; Seistrup, 2018). This process 

may be an overlooked component of the mode of action of several membrane-targeting 

antimicrobials. 

1.2.3 ï Autolysins 

Previously, I have described peptidoglycan synthesis and in addition, the importance 

of the tight regulation between this and its breakdown by enzymes called autolysins, 

to facilitate bacterial growth. In importance to this project, the major autolysins of B. 

subtilis are: the N-acetylmuramoyl-L-alanine amidase LytC (the activity of which is 

regulated by its operon partners LytA and LytB), the glucosaminidase LytD and the 

endopeptidases LytE and LytF (Smith, Blackman and Foster, 2000). These all cleave 

at different locations in the peptidoglycan matrix (Fig. 12), and have been implicated in 

elongation, division, vegetative cell separation and motility (Rashid, Kuroda and 

Sekiguchi, 1993; Ohnishi, Ishikawa and Sekiguchi, 1999).  
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Figure 12: Simplified schematic structure of peptidoglycan, formed from 
alternating GlcNAc and MurNAc subunits, crosslinked by short peptides. An 
example of the type of bond attacked by each autolysin discussed in this thesis is 
shown. LytC cleaves the MurNAc-L-Ala bond, LytD cleaves the GlcNAc-MurNAc bond, 
whilst LytE and LytF cleave the D-Glu-m-DAP bond. m-DAP: meso-diaminopimelic 
acid 

LytC (or CwlB) is a 50-kDa amidase, secreted during vegetative growth, that cleaves 

the MurNAc-L-ala bond in peptidoglycan. It is expressed in the lytABC operon, along 

with the acidic, low-molecular mass protein, LytA, as well as its modifier, LytB, under 

control of the sigma factors ůD and ůA (Lazarevic et al., 1992). LytA plays a role in the 

secretion of LytB and LytC, whilst LytB is a membrane-bound regulator of LytC, 

enhancing its activity by a factor of two to three (Herbold and Glaser, 1975; Margot and 

Karamata, 1992). LytC has been shown to localise uniformly on the entire cell surface, 

suggesting that it is a major autolysin not essential for cell separation (Yamamoto, 

Kurosawa and Sekiguchi, 2003). Instead, since ůD also controls expression of the 

flagellar regulon (Marquez et al., 1990) and swarming motility is abolished in lytC 

mutants (Chen et al., 2009), LytC appears to also be important for proper flagellar 

function. 

LytD is a 95-kDa N-acetylglucosaminidase which cleaves the covalent bonds between 

the GlcNAc and MurNAc residues of glycan strands. It is expressed as a monocistronic 

operon, again under the regulation of a ůD-dependent promoter. B. subtilis mutants 
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deficient of LytD show no changes to cell separation, motility, autolysis, cell wall 

turnover or growth (Margot, Mauël and Karamata, 1994); therefore its specific role 

remains unclear. 

LytE is a 35-kDa DL-endopeptidase which hydrolyses the bond between D-Glu 

and meso-diaminopimelic acid of the stem peptide, and is expressed under the control 

of 3 sigma factors, ůA, ůH and ůI. LytE localises at the cell septa, poles, and lateral 

sidewall (Hashimoto, Ooiwa and Sekiguchi, 2012), implying that it functions as a major 

autolysin in cell separation and elongation. Furthermore, localisation and regulation of 

LytE is specifically dependent on the MreB homologues, MreB and MreBH (Carballido-

López et al., 2006; Domínguez-Cuevas et al., 2013), and consequently both 

lytE and mreBH mutants show similar morphological, cell wall-related defects (a 

thinning of cells for as yet unknown reasons). As I also mentioned previously, an 

excess of divalent cations leads to inhibition of DL-endopeptidases, such as LytE 

(Tesson et al., 2022). Finally, LytE was proposed to be functionally redundant with the 

other cell elongation autolysin in B. subtilis, CwlO (Bisicchia et al., 2007), and deletion 

of both blocks cell elongation and triggers lysis (Hashimoto, Ooiwa and Sekiguchi, 

2012). However, as mutants in each exhibit distinct phenotypes, it was recently 

suggested that they may have more differentiated roles in cell morphogenesis than 

initially expected (Domínguez-Cuevas et al., 2013).  

LytF is a 50-kDa ɔ-D-glutamate-meso-diaminopimelate muropeptidase, which also 

cleaves the bond between D-Glu and meso-diaminopimelic acid in the peptide bridge 

(Margot, Pagni and Karamata, 1999), and is homologous to LytE, differing mainly in 

the number of their LysM peptidoglycan-binding repeats (Fukushima et al., 2006). It is 

encoded by the monocistronic lytF operon, and similarly to other autolysins, is under 

the control of the ůD promoter. LytF localises to cell septa and poles (Yamamoto, 

Kurosawa and Sekiguchi, 2003), and mutants grow predominantly as chains (Chen et 

al., 2009), implicating its role as a major cell separation autolysin. Finally, expression 

and localization of LytF is reduced in mutants of the LTA synthesis pathway, implying 

that teichoic acids may regulate autolysin activity (Kiriyama et al., 2014); however the 

mechanism by which this occurs remains unclear.  

1.2.4 ï Cell envelope stress responses 

Bacteria are often exposed to harsh environments, microbial competition and the 

attack of antibiotics, and have therefore developed efficient stress response systems 

in order to survive. Due to its important physiological role and common exploitation as 
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an antibacterial target, it is crucial for bacteria to maintain integrity of their cell 

envelope. Of importance to this thesis, I will be discussing two cell envelope-

associated stress responses in B. subtilis, which involve two different regulatory 

systems: extracytoplasmic function (ECF) ů factors or two-component systems (TCS). 

Both are functionally analogous as they comprise a membrane-embedded sensor 

(anti-ů factor or histidine kinase, respectively) and a cytoplasmic transcriptional 

regulator, in the form of an ECF ů factor or response regulator. Subsequently, the 

systems differ by how the sensor and regulator communicate upon encountering 

envelope stress. In the case of ECF ů factors, the ů factor is released from the anti-ů 

factor, due to a conformational change or degradation of the anti-ů factor. The ů factor 

is then free to bind RNA polymerase and direct transcription to the promoters of target 

genes (Fig. 13b) (Helmann, 2002). In contrast, for TCSs, the intracellular domain of 

the histidine kinase phosphorylates the N-terminal receiver domain of the response 

regulator under inducing conditions. This causes dimerization, eliciting enhanced DNA-

binding capacity and the response regulator can subsequently act as a transcription 

factor (Fig. 13a) (Parkinson, 1993). 

Figure 13: Mechanism of signal transduction of the LiaRS two-component 
system and the ECF ů factor ůM. (a) Under resting conditions, the membrane-bound 
inhibitor LiaF regulates LiaS activity. Upon cell envelope stress, LiaS phosphorylates 
the response regulator LiaR, causing its dimerisation and induction of liaIH. (b) In the 
absence of stress, the anti-ů factor YhdKL sequesters the ECF ů factor ůM. Under 
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inducing conditions, ůM is released, where it recruits RNA polymerase to its target 
promoters, including Pamj. Adapted from Radeck, Fritz and Mascher (2017). 

B. subtilis encodes seven ECF ů factors (Helmann and Moran, 2014), at least four of 

which are involved in the cell envelope stress response and one of these is ůM. ůM is 

co-transcribed with its cognate anti-ů factors encoded by yhdL and yhdK. The three 

are proposed to form a tripartite complex, as ůM binds to the N-terminal domain of 

YhdL, whilst YhdK specifically interacts with YhdL (Yoshimura et al., 2004). The role 

of ůM was first determined during a screen for genes involved in endospore outgrowth. 

B. subtilis strains in which the then ů factor of unknown function had been insertionally 

inactivated produced aberrantly shaped cells, which swelled and lysed in medium 

containing elevated levels of different salts (Horsburgh and Moir, 1999). Indeed, it is 

induced by high salt, acidic pH and heat stress (Thackray and Moir, 2003). However, 

as the ůM regulon (which comprises 30 distinct promoter regions regulating the 

expression of over 60 genes) mainly facilitates the expression of genes involved in cell 

wall synthesis and cell division, it is thought that the common theme of these 

environmental stresses is impairment of peptidoglycan synthesis. Further evidence for 

this is that ůM is strongly activated by antibiotics that target the peptidoglycan 

biosynthetic pathway, including both early stage (for example, fosfomycin, which 

inhibits MurA) and late stage (such as ɓ-lactams and vancomycin, which prevent 

transglycosylation and transpeptidation) inhibitors (Cao et al., 2002; Thackray and 

Moir, 2003). The ůM regulon, characterised by its vancomycin-induced activation, can 

be categorised into 3 classes. The first involves promoters that directly upregulate 

genes encoding proteins in the cell envelope biosynthetic pathway, such as the 

mreBCD operon (Eiamphungporn and Helmann, 2008) which is essential in the 

bacterial elongasome and thus, lateral cell wall synthesis. The second category 

involves promoters that induce expression of stress-activated replacement enzymes. 

For example, ůM can upregulate amj, which encodes a lipid II flippase, redundant with 

MurJ (Meeske et al., 2015).  The third class are promoters that activate expression of 

regulatory proteins. This includes the sigMyhdLK operon itself, to allow for positive 

autoregulation and to also increase levels of the anti-ů factors, ensuring rapid 

sequestration of ůM once the stress has been overcome. Finally, there are other 

regulon members with as yet undefined functions; one of which is ypuA. Despite this, 

its ůM-dependent promoter has been fused to a reporter gene in B. subtilis, to act as a 

biosensor for cell envelope stress (Urban et al., 2007). 
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Four TCSs associated with cell envelope stress have been identified in B. subtilis; one 

of which is the LiaRS system. LiaRS was originally characterised as part of the 

regulatory network activated in response to the antibiotic bacitracin (Mascher et al., 

2003). Indeed, it strongly responds to other antibiotics that interfere with the lipid II 

cycle in the cytoplasmic membrane, such as nisin and cationic antimicrobial peptides 

(cAMPs) (Mascher et al., 2004; Pietiäinen et al., 2005). In support of this membrane-

dependent induction, several other triggers of the LiaRS response, such as alkaline 

shock, detergents and organic solvents, also perturb the cytoplasmic membrane 

(Petersohn et al., 2001; Wiegert et al., 2001).  LiaRS is expressed, with its membrane-

bound inhibitor LiaF, as part of the liaIH-liaGFSR operon (Jordan et al., 2006). LiaG is 

proposed to be a putative membrane-embedded hypothetical protein, with an as yet 

elusive function. In contrast to ůM, there are only 2 LiaR-dependent promoters: 

the liaI promoter (PliaI) and the yhcY promoter. LiaI, expressed alongside LiaH, a 

member of the phage-shock protein family, is a small hydrophobic protein with two 

putative transmembrane helices (Jordan et al., 2007). It is proposed to act as a 

membrane anchor for LiaH and both proteins colocalise in discrete foci in response to 

cell envelope stress, presumably to maintain cytoplasmic membrane integrity and 

counteract antibiotic-induced damage (Domínguez-Escobar et al., 2014). Meanwhile, 

LiaR-dependent PyhcY upregulation was only observed in a liaF mutant, therefore when 

LiaRS activity is not regulated by its inhibitor. 

1.2.5 ï Multidrug efflux 

The general mechanisms that contribute to antimicrobial resistance include target 

alteration, drug inactivation, decreased bacterial permeability and increased drug 

efflux. Therefore, overexpression of multidrug efflux pumps, which actively extrude 

toxic compounds from the cell, is a common factor of pathogens resistant to multiple 

clinically relevant antibiotics. Efflux pumps have been identified in almost all bacteria, 

and the genes that encode them can be located on the chromosome (expressed 

constitutively or following mutation), or on plasmids (where they can be readily 

transmissible to other bacteria) (Piddock, 2006). Depending on their structural 

characteristics, energy sources and substrates, bacterial efflux pumps are classified 

into 6 families (Du et al., 2018). Of importance to this thesis, I will discuss in detail the 

resistance-nodulation-cell division (RND) family, which includes the multidrug efflux 

pump AcrAB-TolC.  
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RND family efflux pumps are mainly expressed by Gram-negative bacteria, however 

genes encoding proteins with homology to RND pump monomers have been identified 

in Gram-positive organisms such as Corynebacterium glutamicum 

and Staphylococcus aureus (Schindler et al., 2014; Yang et al., 2014; Alnaseri et al., 

2015). These efflux pumps organise as tripartite systems: (i) a transporter (efflux) 

protein located in the cytoplasmic membrane, (ii) a periplasmic ñadaptorò protein, also 

known as a membrane-fusion protein and (iii) an outer membrane protein channel. 

Using the E. coli AcrAB-TolC system as an example, this constitutes AcrB, AcrA and 

TolC respectively. Importantly, each of these proteins is essential for efflux, and the 

absence of any renders the whole complex non-functional (Ma et al., 1993, 1995). AcrB 

is a homotrimer, in which 2 main binding pockets exist. These are enriched in aromatic, 

polar and charged amino-acid residues, which would favour interactions with a number 

of substrates and may contribute to the ñpolyspecificityò of the pump. The protomers of 

AcrB each exhibit a distinct conformation upon drug binding, designated the loose (L), 

tight (T) and open (O) states (Murakami et al., 2006; Seeger et al., 2006). In brief, the 

model of AcrB drug transport hypothesises that the drug accesses the trimer via the L 

state, moves further into the drug-binding pocket in the T state and is finally expelled 

in the O state, through the periplasmic AcrA hexamer and eventually out of the cell via 

the outer membrane TolC channel (Fig. 14). Furthermore, RND efflux pumps are driven 

by the PMF and it is proposed that protonation of AcrB triggers transition from the 

óbindingô (T) state to the óextrusionô (O) state (Seeger et al., 2009).  

AcrB can transport a wide range of substrates, including a number of antimicrobial 

compounds such as tetracycline, chloramphenicol, ɓ-lactams, fusidic acid and 

fluoroquinolones (Nishino, Nikaido and Yamaguchi, 2009), detergents, cationic dyes 

and organic solvents (Tsukagoshi and Aono, 2000; Poole, 2004). There is therefore 

an emerging area of drug discovery to identify efflux pump inhibitors (EPIs). One such 

experimental compound is phenyl-arginine ɓ-naphthylamide (PAɓN), which inhibits 

efflux systems in both  Pseudomonas aeruginosa and E. coli (Lomovskaya et al., 2001; 

Kourtesi et al., 2013).  It acts as a competitive inhibitor of substrate binding; however, 

its use as an EPI is debated as it additionally affects outer membrane integrity, thereby 
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Figure 14: Graphical representation of the AcrAB-TolC multidrug efflux 
mechanism. AcrB monomer confirmations, loose (L), tight (T) and open (O), are 
represented as blue, yellow and red respectively. (A) Simplified schematic featuring 
two of the three AcrB protomers, the AcrA adaptor protein (light green) and the outer 
membrane TolC channel (light purple). (B) The cycling of conformational states upon 
access, binding and extrusion of the substrate. Note protonation of AcrB induces efflux 
of the compound from the O state. From Seeger et al. (2006).  

reducing drug penetration. Another method to inhibit efflux pumps is to dissipate the 

PMF which energises them. This is commonly achieved by the protonophore CCCP, 

which has been shown to potentiate the activity of tetracycline (Anoushiravani, Falsafi 

and Niknam, 2009), however its toxicity towards mammalian cells limits its use to the 

laboratory. One promising candidate is IITR08027, which reverses resistance against 

fluoroquinolones, is not antibacterial on its own (which could give rise to mutants 

conferring resistance), and is non-toxic in animal cells at its minimum effective 

concentration (Bhattacharyya et al., 2017). 

1.3 ï Antimicrobial resistance 

The discovery of the sulfonamides and penicillin in the early 20th century marked the 

beginning of the modern ñantibiotic eraò where previously deadly bacterial infections 
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could be easily treated. The next decades witnessed the ñgolden ageò of antibiotic 

discovery, as one half of the compounds commonly used today were discovered in this 

period. However, soon after, resistance mechanisms (i.e., modifications in bacteria that 

cause the antibiotics used to treat infections to become less effective) plagued their 

clinical use. Sulfonamide resistance was first reported in the late 1930s, and similar 

resistance mechanisms are still prevalent in bacteria nowadays (MacLeod, 1940). 

Interestingly, a bacterial ɓ-lactamase was identified several years before the use of 

penicillin as an antibiotic (Abraham and Chain, 1940), emphasising that antibiotic 

resistance genes were found in bacterial populations even before the selection 

pressure of antimicrobials. Nowadays, the rampant use, misuse and abuse of 

antibiotics in both medical and agricultural settings has accelerated the incidence of 

antibiotic resistance, and led to the emergence of multidrug resistant bacteria, or 

ñsuperbugsò: pathogens that cause increased morbidity and mortality due to several 

mutations and/or acquired genes that confer resistance to a wide range of antibiotics. 

Unsurprisingly then, antibiotic resistance is rapidly becoming one of the biggest threats 

to global health and the Review on Antimicrobial Resistance, commissioned by the UK 

Government, estimated that AMR could kill 10 million people worldwide per year by 

2050 (note, however, that this estimation also includes viral and parasitic pathogens) 

(O'Neill, 2014). In addition, more recent data has suggested that in 2019 alone, there 

were 1.27 million deaths attributable to bacterial antimicrobial resistance (Murray et al., 

2022). Just 6 pathogens accounted for 73.4% of these deaths: E. coli, followed 

by Staphylococcus aureus, Klebsiella pneumoniae, Streptococcus pneumoniae, 

Acinetobacter baumannii, and Pseudomonas aeruginosa; all of which have been 

identified as priority pathogens by WHO (World Health Organization (WHO), 2017). 

The severity of this situation is only exacerbated by the lack of new antibiotic 

development as demonstrated by the almost linear decrease in antibacterial new 

molecular entities over the past 30 years (Infectious Diseases Society of America 

(IDSA), 2011) (Fig. 15).  
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Figure 15: The number of new molecular entity systemic antibiotics approved by 
the US FDA per five-year period up to March 2011. From Infectious Diseases 
Society of America (IDSA) (2011). 

Intervention strategies to combat antibiotic resistance include infection prevention and 

control (both in hospitals and communities), enrolment and development of vaccination 

programmes, reducing agricultural antibiotic use, minimising inappropriate clinical 

antibiotic use and finally promoting investment into the development of new antibiotics. 

The latter would allow for the potential discovery of new classes of antibiotics with 

novel targets or mechanisms of action that would not be susceptible to pre-existing 

bacterial resistance mechanisms. One such emerging strategy is targeting the 

bacterial cytoplasmic membrane. 

1.4 ï Membrane-targeting antimicrobials 

1.4.1 ï Structure and function 

Membrane-targeting antimicrobials target an essential macromolecular structure, 

which, as described previously, is the site for many crucial cellular processes. These 

agents also exhibit a reduced incidence of resistance as (i) they target a non-DNA 

encoded structure and are therefore less susceptible to resistance conferred by simple 

point mutations or horizontal gene transfer, (ii) they can simultaneously inhibit multiple 

membrane-associated processes including bacterial respiration, cell division and cell 

wall synthesis and (iii) they trigger de-energisation of the bacterium, thereby impeding 

cellular stress responses. This attractive characteristic is well demonstrated by the 

membrane-targeting lantibiotic nisin, which has been used in the food industry for over 

four decades without significant resistance development (Draper et al., 2015). 

Additionally, they resemble host defence peptides, such as LL-37 and thrombocidins 

(Henzler Wildman, Lee and Ramamoorthy, 2003; Barns and Weisshaar, 2013; Riool 

et al., 2020), displaying similar structures and activity against various human 
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pathogens, further validating the cytoplasmic membrane as an antibacterial target site. 

The clinical efficacy of targeting the bacterial cytoplasmic membrane is also 

demonstrated by the recent success of existing membrane-active antibiotics polymyxin 

B, daptomycin and colistin as last resort agents against multi-drug resistant infections 

(Sauermann et al., 2008; Vaara, 2019; Sabnis et al., 2021). Finally, they may even 

prove a promising strategy for treating persistent bacterial infections caused by 

dormant bacteria. For example, the lipoglycopeptides telavancin and oritavancin, 

which disrupt membrane potential, eradicate enterococcal and staphylococcal biofilms 

in vitro (Belley et al., 2009; LaPlante and Mermel, 2009). 

Membrane-targeting antimicrobials are usually cationic, amphipathic peptides and 

demonstrate selectivity for bacterial cells due to strong electrostatic interactions with 

negatively charged phospholipids on the surface of the bacterial cytoplasmic 

membrane [compared to an abundance of zwitterionic phosphatidylcholine present on 

the outer leaflet of mammalian cells (Vance, 2015)]. Moreover, such compounds can 

be sensitive to other membrane properties aside from charge. For instance, magainin 

2 (a membrane-targeting antimicrobial peptide) acts more effectively against 

liposomes composed of PG, which due to its cylindrical shape, affects the curvature of 

the membrane (Matsuzaki et al., 1998).  

To date, the prevailing mechanism by which membrane-active antibiotics act is pore 

formation resulting in cytoplasmic leakage and thus, cell lysis. After initial interaction 

with the bacterial membrane, various models have been proposed to describe how 

membrane-targeting antimicrobials induce pore formation in bacteria (Fig. 16A). In the 

barrel-stave model, compounds insert perpendicularly in the lipid bilayer, creating a 

circular pore stabilised by lateral interactions, similar to that of membrane ion channels. 

In the toroidal pore, insertion of the antibiotic induces a local curvature of the lipid 

bilayer and pores are formed between compound molecules and phospholipid head 

groups. The final mechanism is the carpet/detergent-like model. In this case, the 

peptides accumulate at the membrane surface, creating a ñcarpetò, which eventually 

disintegrates the membrane by forming micelles (Kumar, Kizhakkedathu and Straus, 

2018). However, more recently, alternate mechanisms of action have been identified, 

which involve changes to bulk membrane properties (Fig. 16B). These include 

disruption of membrane potential, changes to curvature of the membrane, clustering 

of specific phospholipids, packing defects affecting bilayer order and fluidity, or 



37 
 

targeting specific components of the membrane such as undecaprenyl-coupled cell 

wall precursors or teichoic acids (Epand et al., 2016). 

Figure 16: Proposed models for membrane disruption in bacteria. (A) Proposed 
models for membrane pore formation in bacteria. See text for further description of 
each model. From Kumar, Kizhakkedathu and Straus (2018). (B) Graphical 
representation of the effects that membrane-targeting antibiotics can have on the 
physical properties of the bacterial cell membrane. From Epand et al. (2016). 

1.4.2 ï Clinical limitations 

Despite the promising outlook of membrane-targeting antimicrobials as a novel class 

of antibiotic, there are several limitations to their use as therapeutic agents. The first is 

that they exhibit low bioavailability resulting from proteolytic degradation and limited 

solubility. Moreover, since they rely on electrostatic interactions with the bacterial 

membrane, their antibacterial activity can be attenuated by physiological 

concentrations of divalent cations such as Mg2+ and Ca2+. Currently, there are efforts 

to overcome these drawbacks through structure-activity relationship studies and 

subsequent introduction of chemical modifications. For example, D-amino acid 

substitution and fatty acid conjugation of CopW, an antimicrobial peptide derived from 

the insect defensin coprisin, enhanced its serum stability and antibacterial activity 

respectively (Lee et al., 2019). 

The mechanism of action of membrane-active compounds is also responsible for their 

relatively frequent cytotoxic effects. One example is the nephrotoxicity of polymyxins, 

which results in acute kidney injury in up to 50 to 60% of patients receiving colistin or 

polymyxin B (Nation, Velkov and Li, 2014; Kelesidis and Falagas, 2015). This is caused 

by their ability to induce apoptosis in renal proximal tubular cells (Azad et al., 2013); 

and is currently managed by strict monitoring of renal function and rigorous dosing 

protocols (Nation et al., 2019).  
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The most common and problematic side effect however is haemolysis, the 

permeabilisation of red blood cells, via membrane disruption similar to that which 

occurs at bacterial cells. This is due to negative surface charge of erythrocyte 

membranes (Eylar et al., 1962; Jan and Chien, 1973) which, as mentioned previously, 

is the main selectivity determinant of membrane-targeting antimicrobials. One example 

is the cyclic decapeptide antibiotic gramicidin S, which demonstrates broad spectrum 

activity but unfortunately, due to its haemolytic activity, has been restricted to topical 

applications only (Dimick, 1951). Although it has been proved possible to design 

analogues of gramicidin S that exhibit reduced haemolytic activity (Kondejewski et al., 

1996), an in-depth understanding of the physico-chemical features that contribute to 

selectivity would be required to perform this for all membrane-active compounds. This 

uncovers an alternative approach: to identify and pursue membrane-targeting 

antimicrobials that do not act through pore formation. 

1.4.3 ï Daptomycin 

Several recent studies have demonstrated that membrane-active compounds can act 

in the absence of pore formation; of which I will discuss two in detail. The first is 

daptomycin, a lipopeptide antibiotic that displays excellent activity against Gram-

positive pathogens and is often implemented as a last resort agent to combat multi-

drug resistant bacterial infections (Baltz, Miao and Wrigley, 2005). Despite its clinical 

use since 2003, the precise mechanism of action of daptomycin is still heavily 

debated. In particular, much controversy is centred on whether daptomycin forms large 

pores in the cytoplasmic membrane of target cells; with many discrepancies transpiring 

from differences between in vivo and in vitro studies. 

Daptomycin, originally isolated from the Gram-positive soil bacterium Streptomyces 

roseosporus (Eliopoulos et al., 1986; Debono et al., 1987), is a lipodepsipeptide 

consisting of a 10-membered cyclic lactone core and three exocyclic amino acids 

linked to a decanoyl fatty acid tail (Allen, Hobbs and Alborn, 1987; Huber, Pieper and 

Tietz, 1988). Unlike other common lipopeptides, daptomycin is negatively charged and 

its antimicrobial activity depends on the presence of Ca2+ ions, which reduce the 

negative charge of the peptide and stimulate its oligomerisation (Ball et al., 2004; Jung, 

et al., 2004; Rotondi and Gierasch, 2005; Scott et al., 2007). The resulting daptomycin-

calcium complex therefore has an increased affinity for anionic phospholipids, such as 

PG. PG is particularly abundant in Gram-positive cell membranes (Epand, Savage and 
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Epand, 2007), thereby promoting daptomycin selectivity for bacterial over mammalian 

membranes (Hachmann et al., 2011).  

Daptomycin mode of action studies have provided controversial results for several 

decades, with the earliest data demonstrating that daptomycin inhibits peptidoglycan 

synthesis (Allen, Hobbs and Alborn, 1987; Mengin-Lecreulx et al., 1990). Recent work 

from our group demonstrated, using fluorescent lipid probes and GFP-protein fusions, 

that daptomycin induces clustering of fluid lipids (RIFs; Fig. 17A), causing an overall 

rigidification of the cytoplasmic membrane (Müller et al., 2016). This change in 

membrane organisation impairs the attachment of several peripheral membrane 

proteins, most prominently the lipid II synthase MurG (Fig. 17B), which is required for 

peptidoglycan synthesis (Kobayashi et al., 2003). Despite this, a direct interaction 

between daptomycin and the cell wall had not been identified, until a very recent study 

by Grein et al. (2020) showed that daptomycin forms a tripartite complex with PG and 

the undecaprenyl-coupled cell wall precursor lipid II. This is consistent with the 

detachment of the cell wall synthesis machinery and massive membrane 

rearrangements, observed previously (Müller et al., 2016). The question still remains, 

however, as to why daptomycin is still active against both Enterococcus 

faecium protoplasts and cell wall-less B. subtilis L-forms (Boaretti et al., 1993; Wolf et 

al., 2012). Several in vitro studies using model liposomes have shown that daptomycin 

forms cation-selective membrane pores (Zhang et al., 2014; Zhang, Scoten and 

Straus, 2016). However when tested in vivo, high daptomycin concentrations and 

prolonged treated times were required to observe membrane depolarisation and ion 

leakage (Silverman, Perlmutter and Shapiro, 2003; Seydlová et al., 2018); phenomena 

that occur near-instantaneously with other known pore forming molecules (Wenzel et 

al., 2012; Wenzel et al., 2018).   

Finally, preliminary data using B. subtilis strains deficient for key autolysins and MreB 

homologues demonstrated that daptomycin induces MreB-dependent autolysis 

(Seistrup, 2018). Further investigation into the mechanism by which this occurs is 

required but this process may have been misinterpreted as pore formation in previous 

mode of action studies. 
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Figure 17: Daptomycin-induced fluid membrane microdomain reorganisation 
triggers delocalisation of MurG. (A) Daptomycin alters the native fluid microdomain 
organisation in the membranes of B. subtilis as shown by staining with the fluid 
membrane-sensitive dye DiIC12. (B) Daptomycin causes complete dissociation of the 
lipid II synthase MurG from the membrane into the cytosol, demonstrated by B. subtilis 
cells expressing MurG-GFP. From Müller et al. (2016). 

1.4.4 ï cWFW 

Membrane-targeting in the absence of pore formation was also proved true for cWFW 

(cyclo-RRRWFW), an arginine- and tryptophan-rich cyclic hexapeptide. This class of 

peptides, due to their cationic and hydrophobic nature, exhibit the ideal structural 

characteristics for interaction with anionic bacterial cytoplasmic membranes (Appelt et 

al., 2008). cWFW was first identified during a library screen of small synthetic peptides 

derived from the human antimicrobial peptide lactoferricin (Blondelle, Pérez-Payá and 

Houghten, 1996); where it was shown to be active against both Gram-positive and 

Gram-negative bacteria at low micromolar concentrations, with limited toxicity towards 

mammalian cells (Scheinpflug et al., 2013). The cytoplasmic membrane was confirmed 

as its target; however it did not induce formation of large pores (Scheinpflug et al., 

2015). Instead, in vitro studies demonstrated that cWFW causes clustering of anionic 

lipids in model membrane vesicles (Arouri, Dathe and Blume, 2009; Finger et al., 

2015). Later, using proteomic profiling, fluorescence microscopy and membrane 

analysis, it was concluded that cWFW neither permeabilises nor depolarises the 

cytoplasmic membrane in vivo (Scheinpflug et al., 2017). In contrast, it triggers a rapid 

reduction of membrane fluidity and the formation of large-scale lipid domains which 

differ in local fluidity (Fig. 18A). This disrupts membrane protein localisation, in 

particular of MurG and the MreB-homologues (Fig. 18B), efficiently inhibiting cell wall 

synthesis. Finally, similarly to daptomycin, use of a B. subtilis mutant deficient for the 
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major autolysins LytABCDEF demonstrated that cWFW-induced lysis is autolytic in 

nature. Although not tested yet, this may also be dependent on the MreB cytoskeleton.  

Figure 18: cWFW-induced large-scale lipid domain formation causes 

delocalisation of MurG and MreB-homologues. (A) cWFW triggers formation of 

large membrane domains, differing in local fluidity, as shown by changes in staining 

with the fluidity-sensitive membrane dye Nile red. (B) cWFW causes dissociation the 

bacterial actin homologs MreB and Mbl, and the lipid II synthesis protein MurG from 

the cytoplasmic membrane, demonstrated by GFP-protein fusions. From Scheinpflug 

et al. (2017). 

1.5 ï Actinomycetes 

1.5.1 ï Ecology and characteristics 

Actinomycetes (members of the order Actinomycetales) are Gram-positive, 

filamentous, spore-forming bacteria with a high guanosine and cytosine content. The 

order is further divided into several suborders, including Actinomyceineae, 

Micromonosporineae and Streptomycineae. Whilst Actinomycetes are commensals in 

the human body (from skin to mucosal surfaces) and are important members of a 

normal microbiota (although in rare cases these bacteria can cause disease i.e., 

actinomycosis caused by Actinomyces israelii), they constitute a significant component 

of the microbial population in most soils and counts of over 1 million per gram are 

commonly obtained (Goodfellow and Williams, 1983). Here, they play a major role in 

degradation of organic polymers by production of hydrolytic enzymes, for example 

lignocelluloses from various grasses and woods (Antai and Crawford, 1981; McCarthy, 

1987), and chitin from the exoskeletons of insects (Gomes et al., 2000). Actinomycetes 
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are also involved in nitrogen fixation in soil. This is the ability to reduce dinitrogen to 

ammonium, which is bioavailable to plants and other organisms, unlike the dinitrogen 

molecule because of its stable triple bond. Actinomycetes can establish symbiotic 

relationships with non-leguminous plants, such as the Frankia genus that can colonise 

the roots of over 200 plant species (referred to as actinorhizal plants) (Normand et al., 

2007).  

Aside from the soil, Actinomycetes are widely distributed in aquatic habitats. Although 

they exist in both freshwater and marine environments, they are thought to form only 

a small fraction of the bacterial flora in the latter, compared to their prevalence in 

terrestrial and freshwater sites (Goodfellow and Haynes, 1984). Similarly to those in 

soil habitats, aquatic Actinomycetes are involved in the decomposition of various 

materials, including cellulose, alginates, and other hydrocarbons (Erikson, 1941; 

Mulkins Phillips and Stewart, 1974; Imada et al., 2014). There remains the possibility, 

however, that these organisms wash-in from surrounding terrestrial habitats, as the 

number of species observed decreases with increasing distance from land (Okazaki 

and Okami, 1972; Attwell and Colwell, 1981). On the other hand, species are found 

notably at lower depths (Johnston and Cross, 1976) and are well-adapted to this 

environment i.e., exhibit a greater tolerance to high salinity and pressure (Helmke, 

1981). 

Actinomycetes are morphologically similar to fungi, due to their mycelial growth, and 

this is attributed to adaptation to the same habitats. The life cycle alternates between 

sporulation and vegetative growth, and upon favourable environmental conditions, the 

ñfree sporeò starts the germination process by forming a germ tube. This promotes the 

formation of branching filaments known as hyphae, which either anchor the organism 

(substrate mycelium) or grow upwards (aerial hyphae). Under adverse conditions, the 

aerial hyphae coil, initiating septation and chromosome segregation. A thick cell wall 

then forms around the spore (spore maturation) and it is released into the environment 

where it can remain dormant (Klieneberger-Nobel, 1947; Hamedi, Poorinmohammad 

and Papiran, 2017).  

1.5.2 ï Antibiotic discovery 

Of importance to this thesis is the ability of Actinomycetes to produce a range of 

bioactive molecules. In fact, approximately two-thirds of all known antibiotics are 

produced by Actinomycetes, predominantly the genus Streptomyces (Takahashi and 

Nakashima, 2018). The production of such a vast number of compounds is due to a 
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process known as secondary metabolism, which occurs upon the onset of 

morphological differentiation (i.e., formation of aerial hyphae in solid cultures or 

transition to stationary phase during liquid growth).  The trigger for these changes, and 

therefore the synthesis of secondary metabolites, is a depletion of growth nutrients, 

and likely an accumulation of the stringent response alarmone (p)ppGpp and activation 

of the phosphate starvation-dependent TCS PhoRP (Bibb, 2005; Van Wezel and 

McDowall, 2011; Van Der Heul et al., 2018). The genes that encode the synthetic 

machinery for secondary metabolites, typically alongside resistance gene(s) and 

transcriptional autoregulators, are clustered together in biosynthetic gene clusters, or 

BGCs. Sequencing of the genome of the Streptomyces model organism Streptomyces 

coelicolor revealed that it harboured more than 20 BGCs (Bentley et al., 2002), with 

many so-called ñcrypticò or ñsilentò natural products, or those only synthesised under 

specific growth conditions (Pawlik et al., 2007). Moreover, with the rapid advancement 

of genome sequencing, it appeared that the capacity of Actinomycetes as gifted natural 

chemists had been underestimated; with some species exhibiting over 50 different 

BGCs (Oliynyk et al., 2007; Ohnishi et al., 2008; Cao et al., 2016), and an indication 

that the number of potential antimicrobial compounds from Streptomyces alone may 

be in the order of 100,000 (Watve et al., 2001). Therefore, this led to the development 

of methods to induce their biosynthesis under laboratory conditions, such as eliciting 

stress responses or co-cultivation with other micro-organisms (Yoon and Nodwell, 

2014; Rutledge and Challis, 2015), and bioinformatics tools to specifically identify 

BGCs, including antiSMASH [antibiotics and secondary metabolite analysis shell; 

(Medema et al., 2011)]. antiSMASH identifies BGCs from previously characterised 

proteins or protein domains and compares them with all currently known BGCs 

throughout the tree of life to accurately predict chemical structure and function. Finally, 

novel species are being increasingly discovered from underexplored and extreme 

habitats (Bull et al., 2016). It is crucial to maintain libraries of such isolates to be 

sequenced, in the hope that silent BGCs can be ñawakenedò and prompt the synthesis 

of as yet undiscovered natural product antibiotics.  

1.6 ï Research aims and objectives 

The first objective of this research project was to optimise in vivo fluorescence-based 

techniques to rapidly detect disturbances to the cytoplasmic membrane in both the 

Gram-positive and Gram-negative model organisms, B. subtilis and E. coli, 

respectively. Such assays are of importance to screen for novel membrane-targeting 
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antimicrobials, in addition to other mode of action and physiological studies. Secondly, 

I aimed to optimise similar fluorescence-based assays to distinguish between 

multidrug efflux inhibition and outer membrane permeabilisation in E. coli. Identifying 

EPIs or outer membrane permeabilisers to potentiate the activity of currently used 

antibiotics is another emerging strategy to combat antimicrobial resistance. In 

collaboration with Demuris Ltd, the third aim was to screen a library of Actinomycete 

strains for those producing compounds with membrane-targeting effects, and perform 

preliminary mode of action analyses on aqueous and methanolic extracts derived from 

them. The final objective was to utilise techniques optimised in this thesis to perform 

comprehensive mode of action analyses of two clinically relevant membrane-targeting 

antimicrobials: daptomycin and octenidine, and investigate the membrane effects of 

PanT toxins identified from various bacteria and bacteriophages. 
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Chapter 2 ï Materials and Methods 

2.1 ï Bacterial strains 

The strains used throughout this thesis, including their names, species, genotypes and 

origins, can be found in Table 1.  

Table 1: Strains used throughout this thesis. 

Strain Species Genotype Reference 

168 B. subtilis trpC2 (Anagnostopoulos 

and Spizizen, 

1960) 

MG1655 E. coli ɚ + F - ilvG- rfb-50 

rph-1 (wild type) 

(Blattner et al., 

1997) 

BW25113 E. coli ɚ - F - rph-1 

hsdR514 ȹ(araD-

araB)567 

ȹlacZ4787(::rrnB-

3) ȹ(rhaD-

rhaB)568 

(Datsenko and 

Wanner, 2000; 

Baba et al., 2006) 

JW5503-1 E. coli ɚ - F - rph-1 

hsdR514 

ȹtolC732::kan 

ȹ(araD-araB)567 

ȹlacZ4787(::rrnB-

3) ȹ(rhaD-

rhaB)568 

(Baba et al., 2006) 

YvQI B. subtilis  liaI::pMUTIN4 liaI-

lacZ ermC 

(Mascher et al., 

2004) 

YuPA B. subtilis ypuA::pMUTIN4 

ermC ypuAô-lacZ 

(Urban et al., 2007) 

KS19 B. subtilis lytABC::neo 

lytD::tet lytE::cat 

lytF::spc 

(Scheinpflug et al., 

2017) 

HS553 B. subtilis mreB::msfGFP-

mreB 

(Donahue, 

unpublished) 
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KS60V B. subtilis Ýneo3427 ȹmreB, 

mbl::cat, 

mreBH::erm, 

Ý(neo::spec) rsgI 

(Seistrup, 2018) 

KS109 B. subtilis Pspac-ftsZ ble (Seistrup, 2018) 

BS23 B. subtilis atpAȤgfp Pxyl-

ǋatpA cat 

(Johnson, van 

Horck and Lewis, 

2004) 

ARK3 B. subtilis clsA(ywnE)ם::םtet 

clsB(ywjE)ם::םspc 

ywiEם::םkan 

(Pogmore, 

Seistrup and 

Strahl, 2018) 

KS119 B. subtilis psd::MLS (Pogmore, 

Seistrup and 

Strahl, 2018) 

AK0117B-A B. subtilis ugtP::MLS (Koh, unpublished) 

AK0118B-A B. subtilis  mprF::kan (Koh, unpublished) 

AK0119B-A B. subtilis  pssA::spc (Koh, unpublished) 

AK066B B. subtilis yfnI::erm yqgS::spc 

ltaS::cat (ȹLTA) 

(Koh, unpublished) 

AK094B B. subtilis tagO::MLS 

(ȹWTA) 

(Koh, unpublished) 

AK199B B. subtilis  ispA(D92E)::spec 

mreB::msfGFP-

mreB uppS::kan 

pLOSS (Pspac-

uppS) (mls) 

(Koh, unpublished) 

bSS421 B. subtilis  amyE::spc PrpsD-

sfGFP 

(Syvertsson, 

unpublished) 

AK001E E. coli BW25113 pBAD33 (Koh, unpublished)  

JB021 E. coli BW25113 

pBAD33-

phRel2Bac. sub. 

This work. 

BW25113 

transformed with 

VHp303. 
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JB022 E. coli BW25113 

pBAD33-panTBif. 

rum. 

This work. 

BW25113 

transformed with 

VHp464. 

JB023 E. coli BW25113 pBAD33 

SD-panTEsc. col. 

This work. 

BW25113 

transformed with 

VHp515. 

JB024 E. coli BW25113 pBAD33 

SD-capRelVib. har.. 

This work. 

BW25113 

transformed with 

VHp517. 

JB026 E. coli BW25113 pBAD33 

SD-panTBar. api. 

This work. 

BW25113 

transformed with 

VHp518. 

JB027 E. coli BW25113 pBAD33 

SD-panTBur. phage 

This work. 

BW25113 

transformed with 

VHp545. 

JB028 E. coli BW25113 pBAD33 

SD-panTHel. sp. 

This work. 

BW25113 

transformed with 

VHp578. 

JB029 E. coli BW25113 pBAD33 

SD-panTPse. mor. 

This work. 

BW25113 

transformed with 

VHp580. 

2.2 ï Media and growth conditions 

The media and buffers used throughout this thesis, including their names, components 

and manufacturers, can be found in Table 2. In general, B. subtilis strains were grown 

at 30°C and supplemented with 0.2% glucose to minimise sporulation, whilst E. coli 

were grown at 37°C, both overnight in Lysogeny Broth (LB) under vigorous shaking, 

before sub-culturing the next day for utilisation in experiments. All studies involving the 
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antimicrobial daptomycin were performed in the presence of 1.25 mM CaCl2, unless 

otherwise stated. 

For generation of B. subtilis L-forms, strains were grown in LB with any appropriate 

antibiotics or inducers to mid-logarithmic phase at 37°C with shaking. Cells were then 

washed in fresh LB and resuspended in Nutrient Broth (NB) with the MSM supplement 

and lysozyme (2 mg/ml) for an hour with gentle shaking to create the protoplasts. L-

forms were then propagated by diluting the protoplasts in NB/MSM supplemented with 

penicillin G (200 µg/ml) and growing at 30°C. 

Table 2: Media and buffers used throughout this thesis. 

Name Component(s) and manufacturers 

Lysogeny Broth (LB) 10 g/l tryptone (Oxoid) 

5 g/l yeast extract (Oxoid) 

10 g/l NaCl (VWR) 

Nutrient Broth (NB) Preparation from Oxoid: 

1 g/l `Lab-Lemcoô powder 

2 g/l yeast extract 

5g/l peptone 

5 g/l NaCl 

LB Agar 10 g/l tryptone (Oxoid) 

5 g/l yeast extract (Oxoid) 

10 g/l NaCl (VWR) 

15 g/l agar (Oxoid) 

Nutrient Agar (NA) Preparation from Oxoid: 

1 g/l `Lab-Lemcoô powder 

2 g/l yeast extract 

5 g/l peptone 

5 g/l NaCl 

15 g/l agar 

GYM agar 4 g/l glucose (VWR) 

4 g/l yeast extract (Oxoid) 

10 g/l malt extract (Sigma-Aldrich) 

10 g/l agar (Oxoid) 

Valinomycin medium 10 g/l tryptone (Oxoid) 
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5 g/l yeast extract (Oxoid) 

50 mM HEPES (Sigma-Aldrich) 

300 mM total KCl + NaCl (VWR) 

Phosphate-buffered saline (PBS) Preparation from Oxoid: 

8 g/l NaCl  

0.2 g/l KCl 

1.15 g/l NaϜHPOϞ  

0.2 g/l KHϜPOϞ 

MSM supplement 20 mM maleic acid (Sigma-Aldrich) 

20 mM MgCl2 (Sigma-Aldrich) 

0.5 M sucrose (Millipore) 

2.3 ï Minimal inhibitory concentration (MIC) determination and growth curves 

The MICs of antimicrobial compounds were established to determine appropriate 

concentrations for subsequent growth curves and fluorescence-based experiments, 

and to observe whether antibacterial activity varied in mutant strains. Overnight 

cultures were diluted 1:100 in appropriate growth medium and grown to mid-

logarithmic phase. Cells were then diluted to give a final concentration of 5 x 105 

cells/ml in a pre-warmed 96-well clear, flat-bottomed microtiter plate (Falcon). This 

plate was prepared with an initial high concentration of the desired compound followed 

by a standard serial dilution. After addition of the cells, the plate was incubated at 37°C 

for 16 hours with shaking at 700 rpm. MIC was defined as the lowest compound 

concentration able to inhibit visible bacteria growth. 

To observe the effect of studied compounds on cells in logarithmic growth phase, they 

were also added to growing cultures and optical density was monitored. For this, 

overnight cultures were diluted and grown to mid-logarithmic phase. Cells were then 

diluted to an OD600nm (OD600) of 0.05 and transferred to a 96-well clear, flat-bottomed 

microtiter plate (Falcon) in triplicate, to a final volume of 200 ɛl per well. Absorbance 

measurements were taken every 5 minutes using the BMG SPECTROstar Nano, until 

an OD600 of 0.2-0.6 (exact optical densities are stated in individual experiments) was 

reached, then compounds were added.  

2.4 ï Fluorescence microscopy 

2.4.1 ï General fluorescence microscopy 

For standard fluorescence microscopy, cells were grown to early logarithmic phase in 

appropriate growth medium, including any inducers required for fluorescent protein 
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expression. 100 µl of culture was transferred to a 2 ml round bottomed Eppendorf tube 

with a perforated lid. Cells were incubated with appropriate dyes and/or antibiotics (see 

Tables 3 and 4) at the concentrations specified in individual experiments, with vigorous 

shaking at 37 °C unless stated otherwise. Teflon-coated multi-spot microscope slides 

were covered with a thin layer of deionised H2O/1.2% agarose and warmed to room 

temperature prior to use. 0.5 ɛl of cell culture was applied to the exposed agarose 

surface and, after the liquid had evaporated, covered with a microscopy coverslip. Due 

to a gradual loss of membrane potential as a result of oxygen starvation, images were 

taken within 10 minutes of placing the coverslip. Microscopy was performed using 

Nikon Eclipse Ti (Nikon Plan Apo 100×/1.40 Oil Ph3 objective and CoolLED pE-300 or 

pE-4000 light source) equipped with the excitation/emission filters in Table 3, and 

images were acquired with either a Prime 4.2sCMOS or BSI camera (Photometrics) 

and Metamorph 7.7 (MolecularDevices). 

Table 3: Fluorophores used throughout this thesis, including their functions and 
excitation and emission wavelengths for fluorometric measurements and 
fluorescence microscopy 

Fluorophore  Function  Plate reader  

Ex/Em filters 

(nm)  

Microscopy   

Ex/Em filters 

(nm)  

Manufacturer 

Sytox Green  Membrane-

impermeant dye  

485-10/520-10  470-40/525-50  Thermo 

Fisher 

Scientific 

DiSC3(5)  Voltage-sensitive 

dye  

610-10/660-10  628-40/692-40   Anaspec or 

Sigma-Aldrich 

NPN  Membrane dye  340-10/415-10  -  Sigma-Aldrich 

Nile red  Membrane dye  584-10/620-10  560-40/630-75  Sigma-Aldrich 

FM5-95  Membrane dye  -  560-40/630-75  Thermo 

Fisher 

Scientific 

Hoechst 33342 DNA dye 355-10/460-10  Thermo 

Fisher 

Scientific 

DAPI DNA dye - 350-50/460-50 Sigma-Aldrich 
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NADA Peptidoglycan 

label 

- 470-40/525-50  From 

Professor 

Waldemar 

Vollmer 

Propidium Iodide Membrane-

impermeant dye  

544-10/620-10 - Thermo 

Fisher 

Scientific 

Laurdan Membrane fluidity 

dye 

360-20/spectral 

scan 

- Sigma-Aldrich 

Specific concentrations used are stated in individual experiments. 

Table 4: Function, solvent and manufacturer of commonly used antibiotics 
throughout this thesis. 

Compound Function Solvent Manufacturer 

Nisin Pore forming H2O Sigma-Aldrich 

Gramicidin Channel forming DMSO Sigma-Aldrich 

Polymyxin B Pore forming H2O Sigma-Aldrich 

Polymyxin B 

nonapeptide 

Outer membrane 

permeabilising 

H2O Sigma-Aldrich 

CCCP Protonophore DMSO Sigma-Aldrich 

Colicin N Channel forming 50 mM sodium 

phosphate, pH 7, 

300 mM NaCl 

From Dr Jeremy 

Lakey 

Daptomycin Membrane-active H2O Abcam 

Valinomycin Potassium 

ionophore 

DMSO Sigma-Aldrich 

NF-DAP Daptomycin 

variant 

H2O From Dr Scott 

Taylor 

Octenidine Membrane-active H2O From Dr Nermina 

Malanovic 

2.4.2 ï DiSC3(5) and Sytox Green combined fluorescence microscopy 

Overnight cultures were diluted 1:100 in growth medium and grown to an OD600 of 0.3 

whilst shaking. 100 µl was transferred to a 2 ml round bottomed Eppendorf tube with 

a perforated lid. Compounds of interest were added from the beginning, alongside 200 

nM of the membrane permeability indicator Sytox Green; whilst 1 µM of the voltage-
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sensitive dye DiSC3(5) was added 5 min before imaging (any modifications to dye 

concentrations will be stated in individual experiments) and incubated at 37°C upon 

shaking with a thermomixer. Samples were then immobilised on microscope slides 

covered with a H2O/1.2% agarose and imaged immediately. Microscopy was 

performed using the filter sets listed in Table 3 and single cell fluorescence intensities 

were quantified using ImageJ/Fiji (Schindelin et al., 2012), as described below. 

2.4.3 ï Peptidoglycan labelling 

Incorporation of fluorescent D-amino acids such as NADA into bacterial peptidoglycan 

allows the in situ analysis of cell wall synthesis in live cells (Kuru et al., 2012). For 

experiments using NADA, cells were grown in LB supplemented with 0.2% glucose 

overnight at 37°C. The following day, samples were diluted in growth medium and 

grown at 37°C until an OD600 of 0.3 was reached. 100 µl were transferred to a 2 ml 

round bottomed Eppendorf tube with a perforated lid and incubated with the desired 

compounds. NADA was then added to a final concentration of 250 µM and incubated 

for a further 20 minutes. Cells were washed and resuspended in fresh growth medium 

to remove the excess dye and immobilised and imaged on H2O/1.2% agarose as 

before.  

2.4.4 ï B. subtilis L-form DiSC3(5) fluorescence microscopy 

Generation of L-forms is described in section 2.2. All experiments involving L-forms 

were performed in osmoprotective NB/MSM growth medium. For microscopy, L-forms 

were incubated with compounds of interest at 30°C, followed by addition of 1 µM 

DiSC3(5) prior to imaging. 70 µl were then transferred to a slide containing a gene 

frame (1.7 cm X 2.8 cm; Thermo Fisher Scientific) and sealed with a plasma treated 

coverslip (20 mins plasma treatment in a plasma cleaner; Harrick Plasma). The sealed 

slide was allowed to stand for 5 min to allow L-forms to settle. Microscopy was 

performed using the microscope and camera setup stated above, and the filter set 

described in Table 3. Images were acquired with Metamorph 7.7 (MolecularDevices) 

and single cell fluorescence intensities were quantified using ImageJ/Fiji (Schindelin et 

al., 2012), as described below. 

2.4.4 ï Structured Illumination Microscopy (SIM) 

Cells were prepared and immobilised on H2O/1.2% agarose slides as described 

above. To reduce binding of Nile red to the coverslip surface, which can distort the 

structured illumination pattern projections, the coverslips were coated with L-dopamine 

(Zhang et al., 2013; te Winkel et al., 2016). For this, L-dopamine (2 mg/ml freshly 
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solved in 1 mM Tris, pH 8.0) was added to the coverslip and incubated at room 

temperature for 30 minutes. The excess L-dopamine and Tris were then removed by 

aspiration and submersion in H2O, before evaporation at 37°C for 30 minutes. Dual-

colour 2D-SIM was performed using Nikon N-SIM equipped with 488 and 561 nm 

lasers, Nikon CFI SR HP Apochromat TIRF 100×/1.49 oil objective, and Andor iXon 

DU-897 camera. Image capture and reconstruction was carried out using NIS 

Elements 5.21 (Nikon). 

2.4.5 - Analysis and quantification of microscopy images 

For general fluorescent microscopy, images were analysed using ImageJ/Fiji 

(Schindelin et al., 2012). Quantification of DiSC3(5)-fluorescence for individual cells 

was performed in a semi-automated manner. In brief, any background fluorescence 

was first subtracted, originating from unincorporated dye and medium. Individual cells 

were then selected as regions of interest (ROIs) by thresholding of corresponding 

phase contrast images. If cells adhered to each other or grew as chains, they were 

manually separated by a thin line with an appropriate pixel prior to automated cell 

detection. Finally, the mean fluorescence values for individual cells across the 

population were obtained. 

2.5 ï Fluorometric experiments 

2.5.1 ï General fluorometric experiments 

For general fluorometric measurements, overnight cultures were prepared followed by 

1:100 dilution in appropriate growth medium and growth to the OD600 stated in 

individual experiments. Fluorescent dyes were then either pre-added to cells or directly 

added to cells in black, polystyrene, flat-bottomed microtiter plates (Porvair Sciences). 

Fluorescence intensity was monitored until stable levels were obtained, followed by 

the addition of compounds. Fluorescence measurements were taken using a BMG 

Clariostar multimode plate reader, equipped with the excitation and emission filters 

listed in Table 3. All media, plates and instruments were warmed to 37°C prior to use. 

2.5.2 - Laurdan-based membrane fluidity measurements 

For observation of changes to the fluorescent spectra of cells unstained or stained with 

fluorescent membrane fluidity probe Laurdan, overnight cultures were diluted and 

grown in LB supplemented with 0.2% glucose at 30°C until an OD of 0.35. Here, 

samples were either unstained or stained with Laurdan, at a final concentration of 10 

µM in 1% DMF, for 5 minutes with vigorous shaking at 30°C. Cells were washed four 

times with PBS supplemented with 0.2% glucose in the absence or presence of 1.25 
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mM CaCl2 prior to transfer to black, polystyrene, flat-bottomed microtiter plates (Porvair 

Sciences). Compounds were then added to appropriate wells and shaken for 20 

seconds at 30°C prior to measurement of emission spectra upon excitation at 

360±20 nm using a BMG Clariostar multimode plate reader. 

2.6 ï Bacillus subtilis reporter strain screening 

B. subtilis reporter strains were analysed in agar plug and Kirby Bauer disc diffusion 

assays. For this, cylinders were cut from GYM-agar cultures of the strain of interest or 

filter paper discs were impregnated with antimicrobial compounds. These were then 

placed and incubated on nutrient agar plates, supplemented with X-Gal (200 ɛg/ml) 

and erythromycin (3 µg/ml) and seeded with the B. subtilis reporter strains (either PypuA-

lacZ or PliaI-lacZ), that had been grown overnight in NB supplemented with 

erythromycin (3 µg/ml). 125 µg cefotaxime and 750 µg bacitracin were used as positive 

controls respectively. Plates were incubated overnight at 30°C and the following day, 

blue halos and zones of inhibition were determined.  

2.7 ï Actinomycete aqueous and methanolic extractions 

Actinomycete strains that tested positive against the reporter strain panel were 

streaked on GYM-agar plates and grown to the day at which they most strongly 

activated ůM or LiaRS. The cell material was then obtained and incubated at -20°C 

overnight. Following thawing, the cell mass was removed by centrifugation and the 

remaining supernatant was sterile filtered and stored at -20°C. For the methanolic 

extraction, 100% MeOH was incubated with the cell mass for 20 minutes at room 

temperature, with rotation. The supernatant was again collected by centrifugation and 

filtered into glass tubes. The samples were then evaporated to dryness and the crude 

extract resuspended in 100% DMSO. These were also stored at -20°C for future 

screening. 

2.8 ï Transformation of E. coli 

For preparation of calcium competent E. coli, an overnight culture of the desired strain 

was diluted 1:100 in 50 ml LB and grown to mid-logarithmic phase. Cells were then 

incubated on ice for 20 minutes followed by centrifugation at 3000 rpm at 4°C for 10 

minutes. The pellet was resuspended in 10 ml ice-cold 100 mM CaCl2 and incubated 

on ice for a further 20 minutes. These steps were repeated; however, in 5 ml CaCl2 

and for 10 minutes. Again, the cells were centrifuged and then resuspended in 1.5 ml 

ice-cold 100 mM CaCl2 supplemented with 15% glycerol. Competent cells were then 

either snap frozen in liquid nitrogen or used for downstream transformation. 
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For heat-shock transformation, 0.5 µl of plasmid (10 ï 30 ng DNA) was incubated with 

competent cells on ice for 30 minutes. Plasmids used throughout this thesis are listed 

in Table 5. Cells were then heat-shocked for 45 seconds in a 42°C water bath, before 

being placed on ice again for 5 minutes. Pre-warmed growth medium was then added, 

and samples were shaken at 37°C and 200 rpm for 1 hour. Samples were plated on 

appropriate selective plates and incubated overnight at 37°C. Single colonies were 

clean streaked onto selective plates and grown overnight. A single colony was then 

grown overnight in liquid culture supplemented with any relevant antibiotics and 

glycerol stocks were prepared from this with a final glycerol concentration of 25%. 

Table 5: Plasmids, including their genotype and source, used throughout this 
thesis. 

Plasmid Genotype Reference 

pBAD33 pBAD33 (Guzman et al., 1995) 

VHp303 pBAD33-phRel2Bac. sub. (Jimmy et al., 2020) 

VHp464 pBAD33-panTBif. rum. (Kurata et al., 2022) 

VHp515 pBAD33 SD-panTEsc. col. (Kurata et al., 2022) 

VHp517 pBAD33 SD-capRelVib. har. (Kurata et al., 2022) 

VHp518  pBAD33 SD-panTBar. api. (Kurata et al., 2022) 

VHp545 pBAD33 SD-panTBur. phage (Kurata et al., 2022) 

VHp578 pBAD33 SD-panTHel. sp. (Kurata et al., 2022) 

VHp580 pBAD33 SD-panTPse. mor. (Kurata et al., 2022) 

2.9 ï Statistical analysis 

All statistical analysis was performed using Graphpad Prism 9, utilising either an 

unpaired, two-sided t-test, or an ordinary one-way, unpaired ANOVA with a Tukey's 

multiple comparisons post hoc test. 
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Chapter 3 ï Optimising in vivo fluorescence-based techniques to 

identify membrane-disrupting antimicrobial compounds 

3.1 ï Introduction 

Due to their misuse and overuse in both clinical and agricultural settings, antibiotic 

resistance is one of the biggest threats to global health today (World Health 

Organization (WHO), 2020). This crisis is exacerbated by a deficit in antibiotic 

innovation, as demonstrated by the linear decline in antibacterial new molecule entities 

over the past 30 years (Infectious Diseases Society of America (IDSA), 2011). There 

is, therefore, the urgent need for compounds with novel targets and modes of action. 

One emerging strategy is targeting the bacterial cytoplasmic membrane. This essential 

macromolecular structure, already exploited by known host defence peptides (Henzler 

Wildman, Lee and Ramamoorthy, 2003; Barns and Weisshaar, 2013; Riool et al., 

2020), is not only the site for crucial cellular processes, but is also non-DNA encoded, 

making the development of resistance less likely. Their clinical efficacy is also proven 

by the recent success of existing membrane-active antibiotics polymyxin B, 

daptomycin and colistin as last resort agents against multi-drug resistant infections 

(Sauermann et al., 2008; Vaara, 2019; Sabnis et al., 2021).  

Membrane-targeting antibiotics commonly perturb membrane integrity by increasing 

permeability to ions or larger molecules, or by inducing more subtle changes such as 

forming or disturbing lipid domains, altering membrane fluidity, or delocalising 

membrane-associated proteins (Wiedemann et al., 2004; Müller et al., 2016; Wenzel 

et al., 2018). Large membrane-impermeable fluorescent dyes, such as Propidium 

Iodide and Sytox Green, are often implemented to investigate antibiotic-induced 

changes in membrane permeability in vivo. These probes are ~600 Da and can only 

enter the cell when large pores are formed in the cytoplasmic membrane. 

Subsequently, they intercalate with DNA, causing a large enhancement of dye 

fluorescence (Roth et al., 1997; Barns and Weisshaar, 2013; Stiefel et al., 2015). 

However, due to their size, these probes are unable to detect smaller-sized channels, 

increased ion permeability, or inhibition of respiration; all of which can still be lethal to 

the cell through dissipation of the transmembrane potential (Jolliffe, Doyle and Streips, 

1981; Strahl and Hamoen, 2010; Müller et al., 2016; Bruni and Kralj, 2020). Therefore, 

membrane depolarisation can be followed as a reporter for antibiotic-induced 

membrane disturbances using a number of voltage-sensitive fluorescent probes. 

These include fast-response probes (usually styrylpyridinium dyes, such as di-4-
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ANEPPS) which undergo an electronic charge shift, and consequently a spectral shift, 

in response to changes in the voltage across the membrane (Fluhler, Burnham and 

Loew, 1985). Although they are able to detect millisecond changes in membrane 

potential, their voltage-dependent change in fluorescence intensity is usually small: 

~2ï10% per 100 mV. In contrast, slow-response probes (carbocyanines and oxonols 

such as DiOC2(3) and DiBAC4(3), respectively), which exhibit voltage-dependent 

changes in transmembrane location, demonstrate a much larger fluorescence change: 

typically 1% per mV, and are more suitable for detecting drug-induced changes in the 

membrane potential of bacteria. Another example of a voltage-sensitive carbocyanine 

dye is 3,3ǋ-Dipropylthiadicarbocyanine iodide, or DiSC3(5). Due to its hydrophobic and 

cationic nature, it can penetrate the lipid bilayer and accumulate in polarised cells, 

causing a self-quenching of fluorescence. Upon depolarisation, the dye is rapidly 

released from the cells, resulting in a de-quenching which can be followed 

fluorometrically (Waggoner, 1976; te Winkel et al., 2016). 

WHO have identified 3 ñcritical priorityò antibiotic-resistant pathogens (Acinetobacter 

baumannii, Pseudomonas aeruginosa and Enterobacteriaceae), all of which are Gram-

negative and resistant to multiple antibiotics (Tacconelli et al., 2018). However, due to 

exclusion of fluorescent probes by the outer membrane, it has proved difficult to 

monitor disturbances to the cytoplasmic membrane in these organisms. The use of 

DiSC3(5) has been reported in mechanism of action studies in Gram-negative bacteria 

(Wu et al., 1999; Silvestro, Weiser and Axelsen, 2000; French et al., 2020); but 

measurements are frequently taken in buffers of various compositions, in the presence 

of chelating agents such as EDTA or in strains with hyperpermeable outer membranes. 

Thus, a robust protocol for using DiSC3(5) to measure perturbations of transmembrane 

potential in Gram-negative bacteria is missing. Results from this chapter investigating 

such methods were the basis of a collaborative publication with Dr Philipp Popp from 

Humboldt-Universitªt zu Berlin (Buttress et al., 2022). 

The higher-throughput use of DiSC3(5) (i.e., a cell-based assay in a 96-well plate 

format) in Gram-positive bacteria has been previously optimised by our group (te 

Winkel et al., 2016); whereas determining membrane pore formation with Sytox Green 

has only been performed by fluorescence microscopy or flow cytometry (Kepplinger et 

al., 2018; Kurata et al., 2022; Malanovic et al., 2022). Furthermore, the use of DNA-

intercalating and voltage-sensitive fluorescent dyes has been combined to 
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simultaneously investigate membrane pore-formation and depolarisation (Clementi et 

al., 2014; McAuley et al., 2018; Boix-Lemonche, Lekka and Skerlavaj, 2020), however 

to the best of our knowledge, a higher-throughput screen has not yet been developed 

using both DiSC3(5) and Sytox Green, and such assays have only been tested with 

known antibacterial compounds and not extracts derived from bacterial origin. This 

provides an easily accessible method to detect membrane disturbances as part of 

antibiotic mode of action studies.  

3.2 ï Results 

3.2.1 ï Fluorometric detection of membrane disruption in the Gram-positive 

Bacillus subtilis 

I first aimed to develop a high-throughput screen for cytoplasmic membrane pore 

formation in the Gram-positive model organism B. subtilis, using the large membrane-

impermeable fluorescent dye Sytox Green. To begin, I performed a MIC assay to 

confirm our candidate for positive control, nisin, was growth inhibitory against our test 

strain B. subtilis 168. Nisin is a lantibiotic derived from Lactococcus lactis (Mattick, 

Hirsch and Berridge, 1947), which binds to and polymerises with the membrane-bound 

peptidoglycan precursor lipid II, allowing its insertion into the membrane and the 

formation of pores (Breukink and de Kruijff, 2006). It was determined that nisin was 

highly toxic against B. subtilis 168 (Table 6). 

Table 6: Minimum inhibitory concentrations (MICs) of nisin and gramicidin 
against the Gram-positive model organism B. subtilis 168. 

 

Compound 

B. subtilis 168 

MIC (µM) 

Nisin 0.625 

Gramicidin 2.5 

N=3. 

The next step was to verify whether this peptide could interact with the fluorescence of 

Sytox Green, as it was previously shown that the protonophore CCCP interfered with 

the voltage-sensitive dye DiSC3(5) (te Winkel et al., 2016). Sytox Green fluorescence, 
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in the absence of cells, was therefore monitored over time. No change was observed 

upon addition of nisin (Fig. 19A), validating its compability with Sytox Green.  

Figure 19: Interactions between DiSC3(5) and Sytox Green, antimicrobial 
compounds and solvents. Fluorescence intensity of (A) 1 µM Sytox Green and (B) 1 
µM DiSC3(5) in LB medium upon addition of the other dye, the lantibiotic nisin, the 
channel-forming peptide gramicidin and the solvents, DMSO and H2O. The time point 
of compound addition is indicated by a black arrow. Note, although not used in these 
assays, addition of the protonophore CCCP is included as a representation of strong 
dye interference. Data are represented as mean±SD (n=3).  

During their study, te Winkel et al. (2016) noted the importance of first determining the 

optimal cell density and dye concentration when adapting fluorometric assays for new 

fluorescent dyes. Therefore a range of Sytox Green concentrations was tested, and as 

shown in Fig. 20, only a concentration of 1 µM demonstrated a detectable increase in 

fluorescence upon nisin addition.  

Figure 20: Effect of dye concentration on nisin-induced Sytox green 
fluorescence in B. subtilis. Fluorescence intensity changes of different Sytox Green 
concentrations (all µM) in B. subtilis cells at an OD600 of 0.2 following addition of 10 µM 
nisin. Sytox Green was added from 0 min and nisin addition is indicated by a black 
arrow. Strain used: B. subtilis 168 (wild type). 
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To optimise this response, I experimented with different optical densities of cells, and 

determined that an OD600 of 0.6 produced the optimal difference pre- and post-nisin 

treatment (Fig. 21). However, to ensure the cells were in a logarithmic phase of growth,  

Figure 21: Effect of cell density on nisin-induced Sytox green fluorescence in B. 
subtilis.  Fluorescence intensity changes of 1 µM Sytox Green in B. subtilis cells at 
different OD600 values following addition of 10 µM nisin. Sytox Green addition is 
represented by the first arrow and nisin-treatment by the second. Strain used: B. 
subtilis 168 (wild type). 

I proceeded with a slightly lower cell density of OD600 0.5. This combined with a Sytox 

Green concentration of 1 µM provided a good fluorescence intensity difference 

between intact and membrane-compromised cells (Fig. 22).  

Figure 22: Fluorometric detection of membrane pore formation in B. subtilis. 
Fluorescence intensity changes of 1 µM Sytox Green in B. subtilis at an OD600 of 0.5, 
in the absence or presence of 10 µM nisin. Sytox Green addition is indicated by the 
first arrow and nisin addition by the second. Data are represented as mean±SD (n=3). 
Strain used: B. subtilis 168 (wild type). 
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Due to the far-red fluorescence of DiSC3(5), it should be compatible with simultaneous 

detection of green fluorescent dyes such as Sytox Green. Therefore, I next began to 

develop a combined Sytox Green and DiSC3(5) assay to simultaneously investigate 

membrane pore formation and depolarisation, respectively. This would allow for the 

identification of membrane-targeting compounds that act without pore formation, and 

thus might exhibit improved safety profiles due to predicted reduced haemolytic activity 

(see 1.4.2). For membrane depolarisation, the positive control was gramicidin ABCD, 

from here on referred to as ñgramicidinò, which was growth inhibitory against B. subtilis 

at low micromolar concentrations (Table 6). Gramicidin is a highly hydrophobic linear 

antibiotic isolated from Bacillus brevis (Sarges and Witkop, 1965), which forms 

monovalent and cation specific channels in the cytoplasmic membrane (Hladky and 

Haydon, 1972), impeding the bacteriumôs ability to maintain its membrane potential. 

Again, I tested whether gramicidin or its solvent, DMSO, affected either Sytox Green 

or DiSC3(5) fluorescence, and moreover whether there was interference between both 

dyes. No interactions existed between any peptides, solvents or dyes (Fig. 19). 

The optimal Sytox Green conditions (1 µM and OD600 0.5) in conjunction with the 

previously optimised DiSC3(5) concentration in B. subtilis, 1 µM in 1% DMSO, provided 

strong fluorescence intensity increases of both dyes in response to nisin-treatment 

(Fig. 23); whilst gramicidin only increased DiSC3(5) fluorescence (as the channels it 

forms are not large enough to allow Sytox Green entry). Furthermore, experiments 

were performed in LB medium supplemented with 0.5 mg/ml BSA and 10 µg/ml 

chloramphenicol to reduce absorption of DiSC3(5) to the polystyrene surface of the 

plate and prevent shifts in fluorescence due to cell growth, respectively (te Winkel et 

al., 2016). These conditions were applied to all subsequent plate reader experiments 

measuring DiSC3(5) fluorescence intensity.  
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Figure 23: A combined screen simultaneously investigating membrane pore 
formation and depolarisation is viable in B. subtilis. Fluorescence intensity 
changes of (A) 1 µM Sytox Green and (B) 1 µM DiSC3(5) in B. subtilis cells at an OD600 
of 0.5, untreated or treated with 10 µM nisin or 10 µM gramicidin, in the presence of 
0.5 mg/ml BSA and 10 µg/ml chloramphenicol. The time point of antibiotic addition is 
highlighted by an arrow. The kinetics of each dye are shown in separate graphs for 
clarity. Data are represented as mean±SD (n=3). Strain used: B. subtilis 168 (wild 
type). 

Finally, maintaining sufficient aeration during measurement is crucial to provide stable 

energisation, and thus fluorescence levels for polarised cells (te Winkel et al., 2016). 

Therefore, I performed the combined screen in a full microtiter plate to determine the 

length of shaking required to ensure untreated cells remained energised despite the 

prolonged measurement time. Measurements taken every 150 s with 75 s vigorous  

Figure 24: The combined B. subtilis membrane pore formation and 
depolarisation screen is compatible in a 96-well plate format. Changes in (A) 1 µM 
Sytox Green and (B) 1 µM DiSC3(5) fluorescence intensity in B. subtilis, untreated or 
treated with 10 µM nisin. The time point of nisin addition is indicated by an arrow. 
Untreated cells remain energised despite the prolonged measurement time, as 
demonstrated by no upward shift in DiSC3(5) fluorescence. Data are represented as 
mean±SD (n=24). The kinetics of each dye are shown in separate graphs for clarity. 
Strain used: B. subtilis 168 (wild type). 
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shaking at 200 rpm resulted in the minimal cycle time with maximal shaking in which 

untreated cells remained energised (demonstrated by no upward shift in DiSC3(5) 

fluorescence; Fig. 24). It should be noted that the increase in Sytox Green fluorescence 

observed in untreated cells is due to the duration of time the plate is removed from the 

reader between measurements for compound addition, as demonstrated in Fig. 25. 

Thus, a fluorescence-based assay that allows the rapid identification and differentiation 

between membrane pore forming and depolarising compounds has been developed in 

a 96-well plate format. Use of this assay to screen Acintomycete-derived extracts will 

be detailed in Chapter 5. 

Figure 25: Sudden increases in Sytox Green fluorescence are dependent on the 
length of time that the plate is removed from the plate reader. Fluorescence 
kinetics of B. subtilis cells stained with 1 µM Sytox Green. Asterisks indicate when the 
plate was removed from the plate reader; the first for 1 min, the second for 2 min and 
the third for 3 min. Strain used: B. subtilis 168 (wild type).  

3.2.2 ï Detection of cytoplasmic membrane depolarisation in the Gram-negative 

Escherichia coli  

As discussed previously, for both fundamental cell biology and antibiotic discovery, it 

is becoming more crucial to detect disturbances at the cytoplasmic membrane of 

Gram-negative bacteria. Therefore, I wished to develop techniques to analyse 

cytoplasmic membrane depolarisation in the Gram-negative model organism, E. coli. I 

began by investigating the toxicity of DiSC3(5) [as its prolonged incubation in B. subtilis 

can impair growth (te Winkel et al., 2016)] and antimicrobial peptides in the strain used 

throughout these experiments, E. coli MG1655. Results in Table 7 show that polymyxin 

B (PMB) displayed high antibacterial activity. This, along with its well-documented 

ability to permeabilise the cytoplasmic membrane (see 1.1.1) confirmed its validity as 

a positive control in this study. As expected, due to absence of the fatty acid tail (Fig. 



64 
 

2), the nonapeptide derivative (PMBNP) was not growth inhibitory at any concentration 

tested.  

Table 7: Minimum inhibitory concentrations (MICs) of PMB, PMBNP and DiSC3(5) 
against E. coli MG1655 in the absence and presence of the outer membrane 
permeabilising agent PMBNP. 

 

Compound 

E. coli MG1655 

MIC (µM) MIC in the presence of 

PMBNP (µM) 

Polymyxin B 0.2 NA 

Polymyxin B nonapeptide >100 NA 

DiSC3(5) >100 10  

PMB: Polymyxin B, PMBNP: Polymyxin B nonapeptide, NA: not applicable, n=3. 

I also observed that DiSC3(5) was not toxic at any concentration tested in intact 

bacteria, however when the outer membrane was permeabilised by nonapeptide 

treatment, it was growth inhibitory at 10 µM (Table 7). Although this is interesting, as it 

suggests that the outer membrane provides additional protection against the toxicity of 

DiSC3(5), this concentration was higher than applied in subsequent experiments. I 

verified this by applying 1 µM of DiSC3(5) to cells in logarithmic growth phase and 

observed no effect on growth even in the presence of PMBNP (Fig. 26). Therefore, the 

inhibitory effect of DiSC3(5) appears to be a peculiarity of B. subtilis, as it does also not 

occur in the close relative Staphylococcus aureus (unpublished data, Sandra Laborda 

Anadón). 

 

Figure 26: At experimental concentrations, DiSC3(5) does not inhibit E. coli 
growth. Growth kinetics of E. coli cells grown to an OD600 of 0.5 and then treated with 
1 µM DiSC3(5), in (A)  the absence and (B) presence of 30 µM PMBNP. DiSC3(5) 
addition is shown by a black arrow and data are represented as mean±SD (n=3). Strain 
used: E. coli MG1655 (wild type). 
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It has already been shown that single cell DiSC3(5) fluorescence microscopy provides 

a simple and rapid method to measure membrane potential in the Gram-positive model 

organism B. subtilis (te Winkel et al., 2016). To confirm whether this was also possible 

in Gram-negative bacteria, I probed the technique with E. coli cells, in the absence and 

presence of PMB and PMBNP. For this, I directly added DiSC3(5) and the respective 

peptides to agarose pads, additionally supplemented with 10% LB, followed by addition 

of E. coli cells and rapid microscopy. This was to observe the coarse kinetics of 

membrane depolarisation upon the imaging process. In untreated cells, DiSC3(5) 

fluorescence signals remained stable over 14 min (Fig. 27).  

Figure 27: DiSC3(5) staining is influenced by both outer membrane 
permeabilisation and (inner) membrane depolarisation in E. coli. Phase contrast 
and fluorescence microscopy of E. coli stained with 1 µM DiSC3(5) in the absence and 
presence of 7 µM PMB or 30 µM PMNBNP at different time points. Note for this 
experiment, dyes and antibiotics were added directly to the agarose (supplemented 
with 10% LB) so that the immediate response could be visualised. Strain used: E. 
coli MG1655 (wild type). 
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Surprisingly, upon incubation with PMB, there was an immediate increase in DiSC3(5) 

fluorescence intensity for approximately 10 min prior to a loss DiSC3(5) signal, 

indicating cytoplasmic membrane depolarisation. This increase was even more 

apparent in PMBNP-treated E. coli, where cells remained highly stained for the entire 

time of the measurement (14 min). This demonstrates that whilst DiSC3(5) staining is 

sensitive to inner membrane potential levels and exhibits the expected loss of 

fluorescence upon depolarisation, the staining is also strongly influenced by outer 

membrane permeabilisation. It is therefore possible to use the voltage-sensitive 

fluorescent dye DiSC3(5) to observe single cell changes in membrane potential of wild 

type E. coli cells directly in growth medium. However, care should be taken when 

interpreting the results if used under conditions that compromise the integrity of the 

outer membrane, or when comparing strains that have outer membranes of different 

composition or structure. 

Subsequently, as several studies amongst the literature perform membrane potential 

measurements of cells in buffer (Wu et al., 1999; Silvestro, Weiser and Axelsen, 2000; 

Morin et al., 2011), I aimed to investigate how washing and resuspending the cells in 

the commonly used buffer, PBS, with or without additional supplements affected 

DiSC3(5) signal levels compared to measurements directly in the growth medium. One 

important but frequently overlooked parameter when analysing membrane potential 

levels in buffer-suspended cells is the necessity to maintain a metabolisable carbon 

source. To test its effect on DiSC3(5) signal levels, I compared cells grown in LB 

supplemented with 0.2% glucose, and cells washed and resuspended in PBS with and 

without 0.2% glucose, followed by incubation for 15 min with shaking and staining. 

PMB-treatment was used as a positive control for complete depolarisation. 

Immediately, I observed that signals in PBS with glucose were higher compared to 

growth medium and extremely heterogeneous (Fig. 28A, B).  
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Figure 28: Calcium, glucose and rapid imaging are critical for measuring E. coli 
membrane potential in buffer. (A) Phase contrast and fluorescence microscopy 
images of E. coli in LB + 0.2% glucose or PBS in the presence or absence of 0.2% 
glucose and 1 mM CaCl2, and stained with 1 µM DiSC3(5). As a positive control, the 
transmembrane potential was disrupted by the pore forming antibiotic PMB (7 µM). (B) 
Quantification of DiSC3(5)-fluorescence for individual cells from the dataset shown in 
panel A (n=128-211 cells). Median fluorescence intensity is indicated with a magenta 
line, together with P values of a one-way, unpaired ANOVA. **** represents p < 0.0001. 
(C) Phase contrast and fluorescence microscopy time course of E. coli in PBS 
supplemented with 0.2% glucose and 1 mM CaCl2 and stained with 1 µM DiSC3(5). 
(D) Quantification of DiSC3(5)-fluorescence for individual cells from the dataset shown 
in panel C (n=106-176 cells). Median fluorescence intensity is indicated with a magenta 
line, together with P values of a one-way, unpaired ANOVA. **** represents p < 0.0001. 
Strain used: E. coli MG1655 (wild type). 

In the absence of a carbon source, this heterogeneity still existed; however, as shown 

in both the microscopy images and quantification, the DiSC3(5) staining was greatly 

reduced, indicating diminished membrane potential. Whilst the higher initial DiSC3(5) 

levels in PBS may be due to differences in solubility of the dye between growth medium 

and buffer, I hypothesised that washing the cells could also remove divalent cations 

that bridge neighbouring LPS molecules in the outer membrane, thereby destabilising 

it and increasing DiSC3(5) fluorescence, as I see with PMBNP-treatment. To test this, 
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I repeated the experiment washing and resuspending the cells in PBS additionally 

supplemented with 1 mM CaCl2. Again, signals were reduced in the absence of a 

carbon source (Fig. 28A, B); however, supplementation with both glucose and CaCl2 

improved consistency of signals and gave rise to DiSC3(5) fluorescence intensities 

more comparable to those measured in growth medium. This demonstrates that 

divalent cation removal, likely through destabilisation of the outer membrane, indeed 

affects DiSC3(5) staining. I also performed a DiSC3(5) fluorescence microscopy time 

course of cells washed and resuspended in PBS to investigate how long they would 

remain energised. As demonstrated by the loss of DiSC3(5) fluorescence, E. coli cells 

gradually lose membrane potential in PBS buffer even when supplemented with both 

glucose and CaCl2 (Fig. 28C, D). These findings highlight that if there are experimental 

reasons to perform membrane potential measurements in controlled buffers, it is 

necessary to include both a carbon source and Ca2+ followed by rapid imaging to 

maintain cell energisation and signal homogeneity.  

Next, I aimed to confirm whether co-staining with DiSC3(5) and Sytox Green was also 

possible in Gram-negative E. coli. As shown in Fig. 29, untreated cells exhibited strong 

DiSC3(5) fluorescence, indicative of polarisation; whilst cells treated with the 

membrane pore forming lipopeptide PMB lost DiSC3(5) fluorescence and gained a 

strong Sytox Green signal. Thus, this technique permits the identification and 

differentiation between membrane depolarising and membrane pore-forming 

antimicrobial compounds or stresses in vivo, on a single-cell level, and will be utilised 

for mode of action studies later in this thesis. 

 

Figure 29: Simultaneous detection of membrane potential and pore formation in 

E. coli. Phase contrast and fluorescence microscopy of E. coli, co-stained with 200 nM 

Sytox Green and 1 µM DiSC3(5) in the absence or presence of 7 µM PMB (15 min). 

Note that the loss of membrane potential in PMB-treated cells coincides with ability of 

Sytox Green to enter the cells, indicating pore formation. Strain used: E. coli MG1655 

(wild type). 
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I then wanted to investigate whether membrane depolarisation in Gram-negative 

organisms could be analysed in a higher-throughput format (i.e., in the plate reader). 

Similarly to section 3.2.1, I verified that our control compounds (PMB and PMBNP) did 

not interfere with DiSC3(5) fluorescence (Fig. 30). Next, as I was optimising the dye 

concentration, I noticed that higher concentrations prolonged the quenching of 

DiSC3(5) fluorescence as it initially accumulated in polarised cells (Fig. 31). Therefore, 

I proceeded with 0.5 µM DiSC3(5) in 1% DMSO, as the fluorescence stabilised more 

rapidly. 

Figure 30: Interactions between DiSC3(5) and antimicrobial compounds. 
Fluorescence intensity of 1 µM DiSC3(5) in LB upon addition of the pore forming 
antibiotic PMB and the outer membrane permeabilising agent PMBNP. The time point 
of compound addition is indicated by a black arrow. Note, although not used in these 
assays, I have included addition of the protonophore CCCP as a representation of 
strong dye interference. Data are represented as mean±SD (n=3). 

Figure 31: A lower DiSC3(5) concentration is required to facilitate fluorescence 
quenching in E. coli. Fluorescence kinetics of E. coli cells stained with different 
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DiSC3(5) concentrations (all µM in 1% DMSO). DiSC3(5) addition is represented by a 
black arrow. Strain used: E. coli MG1655 (wild type).   

Following optimisation, treatment with our control compounds mirrored our 

observations microscopically: an initial decrease in fluorescence due to increased 

accumulation of DiSC3(5) within the cells as the outer membrane is destabilised, and 

an increase following approximately 10 min incubation with PMB, that corresponds to 

membrane depolarisation (Fig. 32). Therefore, DiSC3(5)-based membrane potential 

assays are possible using fluorometry and, although sacrifice single-cell resolution, are 

more accessible and provide both higher throughput and better temporal resolution.  

 

 

Figure 32: Fluorometric detection of outer membrane permeabilisation and inner 
membrane depolarisation in E. coli. Fluorescence intensity changes of 0.5 µM 
DiSC3(5) in E. coli at an OD600 of 0.5, in the absence or presence of 7 µM PMB or 30 
µM PMBNP. DiSC3(5) addition is indicated by the first arrow and compound addition 
by the second. Data are represented as mean±SD (n=3). Strain used: E. coli MG1655 
(wild type). 

Finally, I wished to determine whether membrane pore formation could be detected 

fluorometrically in E. coli, and ultimately lead to a combined screen, similarly to what I 

had optimised in B. subtilis (Fig. 23 and 24). However, as shown in Fig. 33A, polymyxin 

B-addition did not elicit a detectable change in Sytox Green fluorescence intensity at 

any concentration I tested. For this purpose, I also investigated another large 

membrane-impermeable nucleic acid stain, Propidium Iodide, which is frequently used 

to monitor changes in bacterial membrane permeability (Belley et al., 2009; Müller et 

al., 2016; Seydlová et al., 2018; Wenzel et al., 2018). Again, polymyxin B-treatment 
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Figure 33: Fluorometric detection of inner membrane pore formation is not 
possible in E. coli. Fluorescence intensity changes of varying concentrations of (A) 
Sytox Green and (B) Propidium Iodide in E. coli cells at an OD600 of 0.5 in the absence 
or presence of 7 µM PMB. Dye addition is indicated by the first arrow and PMB addition 
by the second. Strain used: E. coli MG1655 (wild type). 

did not affect fluorescence intensity compared to untreated cells at any concentration 

tested (Fig. 33B). From these experiments I concluded that an in vivo plate reader 

assay to detect inner membrane pore formation was not amenable in the Gram-

negative model organism E. coli. 



72 
 

3.3 ï Discussion 

Due to the growing threat of antibiotic resistance, there are increasing efforts to identify 

antimicrobial compounds with novel targets and activities. One such target is the 

bacterial cytoplasmic membrane and hence, robust and reliable assays are required 

to detect damage to this important cellular structure, for the purpose of both mode of 

action and physiological studies, as well as target validation and identification of any 

off-target effects during the drug development process. Here, to the best of our 

knowledge, I have developed the first fluorometric assay utilising the nucleic acid stain 

Sytox Green and the voltage-sensitive dye DiSC3(5) to simultaneously monitor 

membrane pore formation and depolarisation in live bacteria.  

As part of assay development, I have provided proof of concept with antimicrobial 

peptides of known function, such as nisin, which binds lipid II to form transmembrane 

pores (Wiedemann, Benz and Sahl, 2004), and gramicidin, which forms small cation 

specific channels in the cytoplasmic membrane (Smart, Goodfellow and Wallace, 

1993; Kelkar and Chattopadhyay, 2007). Both have been used as positive controls for 

membrane pore formation and depolarisation, respectively, throughout this thesis and 

in many previous studies (te Winkel et al., 2016; Kepplinger et al., 2018; Omardien et 

al., 2018; Popp et al., 2020). In addition, these assays are implemented later in this 

thesis to unravel the mode of action of two known but poorly characterised membrane-

targeting antimicrobials and screen for novel natural product compounds targeting the 

cytoplasmic membrane. To allow for this in a higher-throughput manner, the assay was 

set up in a 96-well plate format and in particular, I highlight the necessity of vigorous 

shaking to maintain cell energisation; an important factor that is frequently overlooked 

in previous reports of voltage-sensitive dye-based fluorometric assays. Finally, 

measurements were performed directly in growth medium rather than buffers of 

various compositions (Clementi et al., 2014; Boix-Lemonche, Lekka and Skerlavaj, 

2020), which as discussed in this chapter can have detrimental consequences on 

membrane potential levels. The next step would be translating this assay to other 

Gram-positive organisms, in particular those of clinical relevance such as 

Enterococcus faecium and Staphylococcus aureus; both of which are identified by 

WHO as antibiotic-resistant "priority pathogens" (Tacconelli et al., 2018). As reported 

previously and employed throughout this thesis, when adapting fluorometric assays to 

new bacterial species, re-optimisation of the cell density and dye concentration would 

first be required. Another parameter to be considered is that composition of the cell 
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envelope can differ between Gram-positive organisms, for example the presence of a 

bacterial capsule or S-layer (OôRiordan and Lee, 2004; Ravi and Fioravanti, 2021). In 

this case it would be advisable to first verify that cells can be stained microscopically 

prior to assay optimisation. 

Although the use of DiSC3(5) as a reporter for membrane potential in Gram-negative 

bacteria is not novel, this study provides guidance regarding the effects and problems 

associated with outer membrane permeabilisation and the use of buffers rather than 

growth media, which is prevalent amongst the literature (Wu et al., 1999; Silvestro, 

Weiser and Axelsen, 2000; Morin et al., 2011).  Furthermore, in collaboration with Dr 

Philipp Popp from Humboldt-Universitªt zu Berlin we confirmed the robustness of the 

DiSC3(5)-based fluorometric assay, as comparable results were obtained for another 

Gram-negative model organism, Salmonella enterica, in a different laboratory using 

different instrumentations. They also demonstrated that pre-incubation with the 

permeabiliser compound polymyxin B nonapeptide allows the confounding effects of 

outer membrane permeabilisation to largely be removed in logarithmic phase cells, 

rendering it easier to detect inner membrane-specific changes. Moreover, this 

eliminates the need for chelators such as EDTA, which can have detrimental effects 

on bacterial growth and on the cytoplasmic membrane itself, including membrane 

fluidisation and destabilisation (Prachayasittikul et al., 2007); which are not observed 

for polymyxin B nonapeptide (Table 7). Finally, I believe these practices and advice 

could be easily translatable to use of DiSC3(5) in flow cytometry, which could be 

verified by future work. As both Ca2+ and Mg2+ are required to maintain integrity of the 

LPS layer, it would also be beneficial to test whether supplementation of buffers with 

MgCl2 also prevents destabilisation of the outer membrane during washing, and 

similarly, whether other carbon sources can be utilised to sustain central carbon 

metabolism and thus, cell energisation. 
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Chapter 4 ï Determining in vivo fluorescence-based techniques to 

differentiate between multidrug efflux inhibition and outer membrane 

permeabilisation in E. coli 

4.1 ï Introduction 

As several antibiotics are unable to access their target in Gram-negative organisms 

due to the presence of the additional outer membrane and effective multidrug efflux 

systems, one emerging strategy to combat antibiotic resistance in such pathogens is 

identifying compounds that either permeabilise the outer membrane or inhibit efflux, to 

be used in conjunction with existing antibiotics. Therefore, it is essential to develop 

reliable and reproducible assays that screen for changes in outer membrane 

permeability barrier function, as well as drug efflux, not only in the context of antibiotic 

discovery but to further our understanding of these systems and any interactions 

between them.  

The outer membrane is an effective permeability barrier due to the unique asymmetric 

presence of LPS in the outer leaflet and strong lateral interactions between 

neighbouring molecules. Thus, outer membrane permeability can be selectively 

increased by two main mechanisms. Firstly, compounds such as EDTA trigger massive 

release of LPS into the extracellular environment. This results in the migration of 

phospholipids from the inner leaflet to the outer leaflet, producing phospholipid 

domains which exhibit increased permeability to lipophilic compounds (Leive, 1965). 

Alternatively, compounds such as polymyxin B and polymyxin B nonapeptide compete 

for binding to LPS with the divalent cations that normally cross bridge LPS molecules. 

This results in increased lateral diffusion of LPS and destabilisation of the outer leaflet 

(Band and Weiss, 2015). 

Similarly to monitoring disturbances to the cytoplasmic membrane, fluorescent probes 

can be used to identify destabilisation of the Gram-negative outer membrane and one 

such is the commonly used lipophilic dye 1-N-phenylnaphthylamine (NPN). NPN is a 

small molecule that, under normal conditions, is unable to traverse the outer 

membrane, and is thus weakly fluorescent in aqueous environments. Upon the action 

of permeabilisers, such compounds that weaken stabilising interactions between 

components of the outer membrane, phospholipids of both the outer and inner 

membrane become accessible and NPN fluorescence strongly increases (Helander 

and Mattila-Sandholm, 2000; Muheim et al., 2017).  
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Interestingly though, accumulation of similar hydrophobic fluorescent dyes is also used 

to investigate efflux in Gram-negative organisms. In fact, NPN itself was used to 

identify multidrug efflux inhibitors in Pseudomonas aeruginosa (Lomovskaya et al., 

2001), since it is a known substrate of  the MexA-MexB-OprM efflux pump (Ocaktan, 

Yoneyama and Nakae, 1997). In E. coli, the fluorescent probe Nile red is more 

commonly used, as it has been previously shown to be a substrate of the AcrAB-TolC 

pump complex (Bohnert, Karamian and Nikaido, 2010). Similarly to NPN, Nile red is 

almost non-fluorescent in aqueous solution, but undergoes a large fluorescence 

enhancement in lipid-rich environments (Greenspan and Fowler, 1985).  Due to the 

characteristics of these dyes, it is therefore challenging to differentiate between outer 

membrane permeabilisation and inhibition of multidrug efflux in such Gram-negative 

uptake-based assays. An additional complication is the association between efflux 

pumps and the PMF, which commonly energises such systems (Nikaido, 1996), and 

thus any disruption to the PMF will also affect multidrug efflux and subsequently dye 

fluorescence. One alternate approach is to use nucleic acid stains, for example 

Hoechst 33342; which enter via porins and accumulation of which only occurs if its 

extrusion from the cell is being actively inhibited. Similarly to NPN and Nile red, 

Hoechst 33342 has been shown to be a substrate of several multidrug efflux pumps in 

E. coli and beyond (Van Den Berg Van Saparoea et al., 2005; Coldham et al., 2010; 

Richmond, Chua and Piddock, 2013).  

4.2 ï Results 

4.2.1 ï Investigating the interplay between outer membrane permeabilisation, 

efflux pump inhibition and inner membrane depolarisation using fluorescent 

probes 

I first tested the effects of several antimicrobials with varying modes of action on the 

fluorescence of Nile red, which, as stated above, is commonly used as an indicator of 

multidrug efflux inhibition. I performed this in the strain E. coli BW25113, as this is the 

background of single-gene knockout mutants known as the ñKeio collectionò (Baba et 

al., 2006), which will be utilised later. Similarly to previous dye-based fluorometric 

assays in this thesis, I first optimised the cell density and dye concentration to an OD600 
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of 0.5 and 1 µg/ml in 1% DMSO respectively, and tested for any dye-compound 

interactions; of which there were none (Fig. 34). 

Figure 34: Interactions between Nile red and antimicrobial compounds. 
Fluorescence intensity of 1 µg/ml Nile red in LB medium upon addition of 7 µM 
polymyxin B (PMB), 30 µM polymyxin B nonapeptide (PMBNP), 100 µM CCCP or 1% 
of the solvent DMSO. Nile red was added from 0 min and the timepoint of compound 
addition is highlighted by an arrow. Data are represented as mean±SD (n=3). 
 

As expected, the protonophore CCCP caused an increase in Nile red fluorescence 

intensity (Fig. 35A), as it dissipates the proton motive force which commonly energises 

multi-drug efflux pumps (Nikaido, 1996). Likewise, polymyxin B, which depolarises the 

cytoplasmic membrane through the formation of large pores, also increased Nile Red 

fluorescence intensity. To more directly confirm that Nile red fluorescence is influenced 

by efflux inhibition, I repeated this assay in the Keio collection tolC-deletion strain 

(ȹtolC) (Baba et al., 2006). TolC is the outer membrane channel of the E. coli AcrAB-

TolC efflux pump complex and is therefore required for effective multidrug efflux (Sharff 

et al., 2001). As shown in Fig. 35B, there was a clear fluorescence increase upon 

addition of Nile red to ȹtolC cells. Perhaps most interestingly however, Nile red 

fluorescence also increased in response to addition of polymyxin B nonapeptide, which 

retains its ability to permeabilise the Gram-negative outer membrane but is unable to 

depolarise the cytoplasmic membrane (as shown in the previous chapter; Fig. 27). 
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These effects on Nile red fluorescence were also confirmed on a single-cell level by 

fluorescence microscopy (Fig. 32C). 

Figure 35: Nile red fluorescence is influenced by both outer membrane 

permeabilisation and efflux inhibition in E. coli. Fluorescence intensity changes of 

1 µg/ml Nile red in (A) E. coli BW25113 or (B) E. coli BW25113 (WT) and E. coli 

BW25113 ȹtolC cells, all at an OD600 of 0.5, untreated or treated with 7 µM polymyxin 

B (PMB), 30 µM polymyxin B nonapeptide (PMBNP) or 100 µM CCCP. Dye and 

compound addition are indicated by black arrows respectively. Data are represented 

as mean±SD (n=3). (C) Phase contrast and fluorescence microscopy images of ȹtolC 

and WT E. coli BW25113, stained with 1 µg/ml Nile red and untreated or treated with 

7 µM PMB or 30 µM PMBNP (15 min). Strains used: E. coli BW25113 (wild type) and 

JW5503-1 (ȹtolC). 

This raises two questions: (i) whether Nile red staining in fact reflects outer membrane 

permeabilisation rather than efflux inhibition or (ii) whether both processes are 

intrinsically linked. To investigate the former, I tested whether deletion of tolC caused 

the outer membrane to become phenotypically ñleakyò by observing its sensitivity to 

the glycopeptide antibiotic vancomycin. Due to its large size (1.45 kDa), vancomycin 

cannot normally cross the E. coli outer membrane, resulting in full resistance. Changes 

in sensitivity to vancomycin are therefore commonly used to assess outer membrane 

integrity (Lam et al., 1986; Vaara, 1993; Muheim et al., 2017). As shown in Table 8, 

when the outer membrane of E. coli was permeabilised by polymyxin B nonapeptide, 

vancomycin inhibited growth at a concentration of 50 µM. In contrast, similarly to wild 
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type cells, vancomycin was not growth inhibitory at concentrations up to 100 µM 

against ȹtolC cells, implying that integrity of the outer membrane is not compromised 

in this strain.  

Table 8: Minimum inhibitory concentrations (MICs) of vancomycin against E. coli 
BW25113 in the absence and presence of PMBNP and E. coli BW25113 ȹtolC. 

 

Strain genotype 

Vancomycin 

MIC (µM) 

wild type >100 

wild type + PMBNP 50 

ȹtolC >100 

N=3. 

Another dye I have assessed for the purpose of such screens is NPN, which, as 

mentioned previously, has been used to detect both outer membrane permeabilisation 

and efflux pump inhibition in Gram-negatives (Helander and Mattila-Sandholm, 2000; 

Lomovskaya et al., 2001; Mariano et al., 2019). The cell density and dye concentration 

used were as described previously (Helander and Mattila-Sandholm, 2000; Muheim et 

al., 2017): cells grown to an OD600 of 0.5 and resuspended to a final OD600 of 1 and 10 

µM in 1% DMF, respectively. Interestingly, CCCP interfered with NPN fluorescence 

(Fig. 36), so instead colicin N was used as a positive control for membrane 

depolarisation in the absence of outer membrane permeabilisation; which did not 

interact with NPN. Colicin N is a bacteriocin produced by E. coli, which binds the porin 

OmpF and exploits the Tol system (energised by the PMF) to translocate the outer 

membrane (Jansen et al., 2020). Subsequently, colicin N inserts its CȤterminal domain 

into the inner membrane, forming ion-conductive channels which result in cell death 

(Wilmsen, Pugsley and Pattus, 1990).  
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Figure 36: Interference between NPN fluorescence and the protonophore CCCP. 
Fluorescence intensity of 10 µM NPN in LB medium upon addition of 7 µM polymyxin 
B (PMB), 30 µM polymyxin B nonapeptide (PMBNP), 100 µM CCCP, 0.3 µM colicin N 
(ColN) or DMSO. NPN was added from 0 min and the timepoint of compound addition 
is highlighted by an arrow. Data are represented as mean±SD (n=3). 

PMB and PMBNP, which both permeabilise the outer membrane, caused an increase 

in NPN fluorescence (Fig. 37A); however, it also appeared to reflect inhibition of efflux 

as, again, there was marked increase upon addition to the ȹtolC mutant (Fig. 34B). 

Finally, colicin N triggered an increase in NPN fluorescence, similar to that of both PMB 

and PMBNP. Unfortunately, I was unable to implement this dye for fluorescence 

microscopy, but altogether this data raises concerns over the suitability of this dye to 

distinguish between outer membrane permeabilisation and efflux inhibition and 

highlights the potential links between not only these mechanisms, but also 

depolarisation of the cytoplasmic membrane.  

Figure 37: NPN fluorescence is influenced by both outer membrane 
permeabilisation and efflux inhibition in E. coli. Fluorescence intensity changes of 
10 µM NPN in (A) E. coli BW25113 or (B) E. coli BW25113 (WT) and E. coli BW25113 
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ȹtolC cells, all at an OD600 of 1, untreated or treated with 7 µM polymyxin B (PMB), 30 
µM polymyxin B nonapeptide (PMBNP) or 0.3 µM colicin N (ColN). Dye and compound 
addition are indicated by black arrows, respectively. Data are represented as 
mean±SD (n=3). Strains used: E. coli BW25113 (wild type) and JW5503-1 (ȹtolC). 

Finally, I investigated the DNA dye Hoechst 33342 for the purpose of assaying efflux 

inhibition. Hoechst 33342 is a cell permeable fluorescent dye that fluoresces when 

bound to double-stranded DNA and is a known substrate of bacterial efflux systems 

(Van Den Berg Van Saparoea et al., 2005; Richmond, Chua and Piddock, 2013; 

Marshall et al., 2020). As before, I began by first optimising the cell density and dye 

concentration to an OD600 of 0.5 and 1 µM in H2O, respectively. Similarly to NPN, 

CCCP also clearly interfered with Hoechst 33342 fluorescence (Fig. 38), so again 

colicin N was used as a positive control for inner membrane depolarisation. 

Figure 38: Interference between Hoechst 33342 fluorescence and the 
protonophore CCCP. Fluorescence intensity of 1 µM Hoechst 33342 in LB medium 
upon addition of 7 µM polymyxin B (PMB), 30 µM polymyxin B nonapeptide (PMBNP), 
100 µM CCCP, 0.3 µM colicin N (ColN) or DMSO. Hoechst 33342 was added from 0 
min and the timepoint of compound addition is highlighted by an arrow. Data are 
represented as mean±SD (n=3). 

 

As expected, PMB, colicin N and deletion of TolC all triggered an increase in Hoechst 

33342 fluorescence (Fig. 39A, B). However, in this case, permeabilisation of the outer 

membrane caused by PMBNP demonstrated no effect on Hoechst 33342 staining. This 

implies that Hoechst 33342 is the only probe from the ones tested that truly reflects 

specific changes in multidrug efflux.  
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Figure 39: Hoechst 33342 fluorescence is only influenced by efflux inhibition in 
E. coli. Fluorescence intensity changes of 1 µM Hoechst 33342 in (A) E. coli BW25113 
or (B) E. coli BW25113 (WT) and E. coli BW25113 ȹtolC cells, all at an OD600 of 0.5, 
untreated or treated with 7 µM polymyxin B (PMB), 30 µM polymyxin B nonapeptide 
(PMBNP) or 0.3 µM colicin N (ColN). Dye and compound addition are indicated by 
black arrows, respectively. Data are represented as mean±SD (n=3). Strains used: E. 
coli BW25113 (wild type) and JW5503-1 (ȹtolC). 

4.3 ï Discussion 

Currently, outer membrane permeabilisers and efflux pump inhibitors (EPIs) are under 

investigation as ñantibiotic resistance-breakingò compounds that can sensitise Gram-

negative bacteria to the effects of already approved antibiotics. These molecules 

usually do not exhibit direct antibacterial activities themselves and are therefore less 

susceptible to resistance development. Such agents are of dire need, as in 2019 alone, 

over 200,000 deaths were attributable to antimicrobial-resistant E. coli; the most from 

any pathogen (Murray et al., 2022).  Similarly to the previous chapter, fluorescent 

probes can be used to monitor changes in outer membrane permeability and multidrug 

efflux, and such techniques are not a novel concept (Helander and Mattila-Sandholm, 

2000; Lomovskaya et al., 2001; Bohnert, Karamian and Nikaido, 2010; Muheim et al., 

2017). Generally, the fluorescent dyes implemented fall under 2 categories: (i) 

hydrophobic dyes, such as NPN and Nile red, which strongly fluoresce in non-polar 

environments (e.g. phospholipids) or (ii) hydrophilic nucleic acid stains such as 

Hoechst 33342 that fluoresce upon intercalation with DNA.  In this work, I have 

demonstrated that the efflux substrate Nile red is not only sensitive to TolC-deletion 

and de-energisation of efflux pumps through dissipation of the PMF, but surprisingly 

also to permeabilisation of the outer membrane caused by polymyxin B nonapeptide. 

On the other hand, fluorescence of the outer membrane permeability indicator NPN, 

whilst affected by polymyxin B nonapeptide, is also increased by membrane 
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depolarisation and the absence of TolC.  This suggests that such lipophilic dyes may 

not specifically monitor either outer membrane integrity or multidrug efflux, but instead 

may be affected by changes in both, or that both processes are biologically connected.  

This led us to speculate that outer membrane permeabilisation, efflux inhibition and 

inner membrane depolarisation may be intrinsically linked (Fig. 40). In our hypothetical  

Figure 40: Schematic representation of the potential interplay between inner 
membrane depolarisation, outer membrane permeabilisation and efflux 
inhibition. In brief, dissipation of the proton motive force (PMF) de-energises multidrug 
efflux pumps and potentially also trans-cell envelope complexes, such as Tol-Pal and 
OmpCïMla. Disturbances to the integrity of the outer membrane may also affect efflux 
via disruption or blockage of outer membrane channel proteins, such as TolC. Efflux 
inhibitors, such as PAɓN, could additionally exhibit effects on outer membrane 
stabilisation. 

model, there is a clear association between depolarisation and efflux through 

dissipation of the PMF, which commonly energises export pumps either directly or 

indirectly via the production of ATP (Paulsen, Brown and Skurray, 1996; Lubelski, 

Konings and Driessen, 2007). The other two links are less well-defined; however, it is 

well-known that dissipation of PMF de-energises cell envelope systems that span the 

inner and outer membrane. For example, the Tol-Pal complex, which plays a major 

role in constricting the outer membrane during cell division (Egan, 2018), is coupled to 

the PMF. Protonation of the inner membrane TolQ-TolR-TolA complex allows for 

binding and accumulation of TolB-Pal at division sites, which prevents blebbing and 

destabilisation of the outer membrane (Petiti et al., 2019; Szczepaniak et al., 2020). 

Tol-Pal has also been implicated in the retrograde transport of phospholipids from the 

outer to inner membrane, and E. coli tol-pal mutants retain phospholipids in the outer 

leaflet of their outer membranes (Shrivastava, Jiang and Chng, 2017; Shrivastava and 
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Chng, 2019). Whether this process is also linked to inner membrane energisation 

remains unknown; however, if it is, dissipation of the PMF could therefore lead to 

disruption of outer membrane asymmetry, and increased bilayer permeability. 

Moreover, the OmpCïMla pathway also plays an important role in maintaining outer 

membrane lipid asymmetry in Gram-negative bacteria. Similarly to Tol-Pal, deletion of 

any component of the system results in abberant accumulation of phospholipids at the 

outer leaflet of the outer membrane (Malinverni and Silhavy, 2009; Chong, Woo and 

Chng, 2015). In contrast, the activity of this complex is coupled to ATP hydrolysis, 

which drives transfer of phospholipids from periplasm to inner membrane (Thong et 

al., 2016). Therefore, dissipation of the PMF, which consequently inhibits ATP 

synthesis,  could further trigger formation of these phospholipid domains in the outer 

leaflet via disruption of the Mla system and destabilise the outer membrane. 

The final connection to discuss is that between permeabilisation of the outer 

membrane and inhibition of multidrug efflux. Firstly, colicins, and colicin fragments, 

have been shown to actually plug the TolC channel, inhibiting its function as a 

component of the AcrAB-TolC efflux pump (Zakharov et al., 2004; Budiardjo et al., 

2022). It is also thought that the well-studied EPI PAɓN, which acts as a competitive 

inhibitor of the AcrB substrate binding pocket, additionally affects outer membrane 

integrity through a mechanism distinct to that of PMBNP (Lamers, Cavallari and 

Burrows, 2013; Schuster et al., 2019). However, as mutations in the LPS biosynthesis 

pathway and supplementation with Mg2+ restored resistance to large lipophilic drugs, 

its target site is still assumed to be within the LPS layer. Finally, another possibility is 

that changes to LPS packing or outer membrane asymmetry directly disrupt efflux 

pump function, or that the permeability of the outer membrane is increased to such an 

extent that it counteracts the active pumping of efflux systems. 

Hoechst 33342, on the other hand, is a small (~560 Da), hydrophilic nucleic acid stain 

which can enter the cell via porins. In this work, I demonstrated that its fluorescence is 

not affected by outer membrane permeability, but instead appears to be specifically 

dependent on inhibition of the efflux pumps through depletion of TolC or dissipation of 

the PMF. Thus it appears unlikely that outer membrane destabilisation directly inhibits 

efflux pump activity, and more likely that it potentiates entry or re-entry of extruded 

compounds; of which Hoechst 33342 is not affected as it can already move in through 

porins.  
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This work highlights the possible connections between inner membrane depolarisation, 

outer membrane permeabilisation and efflux inhibition; the mechanisms of which 

require further elucidation. I also demonstrate that fluorescent probes, commonly used 

to detect changes in outer membrane integrity or multidrug efflux may not be specific 

for either, or such processes may be intrinsically linked. Developing assays to 

specifically measure efflux- or outer membrane-destabilising activities in vivo are 

therefore of great importance for the discovery of EPIs and permeabilisers, 

respectively, that will aid in combatting the global antibiotic resistance crisis. 
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Chapter 5 ï Screening and extraction of Actinomycetes for novel 

membrane-targeting antibiotics 

5.1 ï Introduction 

As mentioned previously, Actinomycetes are well-known for the production of a range 

of bioactive compounds, and, in particular, are responsible for the synthesis of around 

two-thirds of all used antibiotics. This is mainly due to their genomes containing a large 

number of distinct biosynthetic gene clusters (BGCs; ~20-50), which encode enzymes 

to synthesise specialised metabolites. Despite this, only a minority have been 

chemically explored; with two major challenges being the rediscovery of known 

compounds or ñcrypticò or ñsilentò BGCs that have only been predicted through 

advancements in genome sequencing techniques. Moreover, in relation to this thesis, 

many membrane-active compounds would have been discarded during the drug 

discovery process as a result of assumed poor safety profiles. This is due to the 

relatively frequent occurrence of cytotoxic effects; the most common of which is 

haemolysis, the permeabilisation of red bloods cells, caused by similarities between 

the erythrocyte and bacterial cell surface charges. Of course, several commonly used 

antimicrobials trigger membrane pore formation; examples of which are nisin and the 

polymyxins, however these usually exhibit an additional layer of bacterial-specificity 

such as targeting of lipid II or LPS, respectively (Wiedemann, Benz and Sahl, 2004; 

Sabnis et al., 2021). Thus, an alternate approach is to identify Actinomycete-derived 

membrane-targeting antimicrobial compounds that act through mechanisms distinct to 

pore formation. This has now been observed for several antibacterial compounds, and 

includes depolarisation of the bacterial membrane, changes to membrane lipid domain 

organisation or targeting of specific membrane-embedded components (Müller et al., 

2016; Scheinpflug et al., 2017; Wenzel et al., 2018; Grein et al., 2020).  

This PhD was in collaboration with Demuris Ltd., an SME focussing on novel antibiotic 

discovery. They own a vast collection of Actinomycete strains, isolated from a range of 

extreme and neglected terrestrial and marine habitats. The collection also exhibits a 

well-documented high level of biological dereplication (i.e., eliminating strains that are 

identical or closely related) and thus reduces the likelihood of rediscovering current 

antibiotics. Finally, previous reporter guided screening performed by Demuris to 

indicate potential modes of action identified, of Actinomycete extracts active on the 

Gram-positive model organism B. subtilis, 14% appeared to activate the promoter of 

LiaI (a target of the TCS, LiaRS); indicative of targeting the cell envelope.  
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5.2 ï Results 

5.2.1 ï Reporter-based screening of Actinomycetes 

As part of my PhD, I completed a 3-month iCASE placement at the antibiotic discovery 

company Demuris Ltd. They own a unique and vast collection of Actinomycete 

bacteria; of which I pre-screened the subset that activated LiaI to confirm whether they 

produced compounds with membrane- or cell wall-associated antibacterial properties. 

To achieve this, I used B. subtilis reporter strains in which promoters of genes activated 

during cell wall damage and cell envelope stress are fused to LacZ (PypuA-lacZ and 

PliaI-lacZ respectively). These were used on Nutrient Agar plates supplemented with 

X-gal so that LacZ activity could be visualised by the appearance of a blue halo. 

Although it is unknown what specifically induces ypuA and liaI, these reporters have 

been validated by antibiotics with well-known mechanisms of action (Fischer et al., 

2004). For example, ypuA, which is part of the ůM regulon, is strongly activated by ɓ-

lactams and vancomycin (Urban et al., 2007), indicating that it is responsive to cell wall 

synthesis inhibition. On the other hand, liaI is induced by direct interference with lipid 

II (compounds such as bacitracin and nisin) or compounds that perturb the cytoplasmic 

membrane including daptomycin and cWFW (Mascher et al., 2004; Müller et al., 2016; 

Scheinpflug et al., 2017), implying its activation is more related to the membrane-

associated steps of cell wall synthesis. Overall, I screened 70 Actinomycete strains 

and identified 28 and 40 that produce compounds inducing ypuA and liaI respectively 

(examples of which are shown in Fig. 41). Of these strains, I discovered approximately 

20 secreting agents that activated both reporter strains (in Fig. 41, strain 2). This was 

of interest to my project, as these may represent daptomycin-like compounds in which 

membrane disruption triggers inhibition of cell wall synthesis. Unfortunately, due to 

lockdown restrictions, I was unable to grow and harvest 2 strains that produced liaI-

positive compounds; however, I did successfully collect cell material for compound 

extraction from the remaining 38. 
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Figure 41: Actinomycete strains produce compounds that induce cell wall 
damage and/or cell envelope stress as shown by B. subtilis reporter strains. 
Representative images of Actinomycete agar plugs on Nutrient Agar plates 
supplemented with erythromycin and X-gal and seeded with either the cell wall PypuA-
lacZ (A) or cell membrane PliaI-lacZ reporter (B). Discs impregnated with 125 µg of the 
ɓ-lactam cefotaxime (c) or 750 µg of the undecaprenyl pyrophosphate inhibitor 
bacitracin (b) were used as positive controls for (A) and (B) respectively. Strains used: 
B. subtilis YuPA (ypuAô-lacZ) and B. subtilis YvQI (liaI-lacZ). 

5.2.2 ï Extraction of relevant Actinomycetes and minimum inhibitory 

concentration determination  

From the cell material obtained from the 38 liaI-positive strains, I produced both 

aqueous and methanolic extracts by the protocol described in sub-chapter 2.7. 

Following evaporation, the methanolic-extracted residue was suspended in 100% 

DMSO as we know that this solvent is compatible with our assays (eg. Fig. 19). The 

extracts were then again subject to liaI reporter screening to determine whether they 

had retained their membrane-associated activities. A representative experiment is 

shown (Fig. 42), but overall 17 aqueous and 19 methanolic extracts activated the liaI 

reporter (as demonstrated by the appearance of a blue halo). As several lipopeptide 

antibiotics are calcium-dependent (Wood and Martin, 2019), I also repeated these 

assays in the presence of 1.25 mM CaCl2. One methanolic extract exhibited Ca2+-

dependent induction of LiaI, whilst three others produced a larger zone of bacterial 

growth inhibition, indicating that their activities are potentiated in the presence of 

calcium (Appendix I).  
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Figure 42: Methanolic Actinomycete extracts that induce cell envelope stress 
using a B. subtilis reporter strain. An example image of discs impregnated with 
different methanolic extracts on Nutrient Agar plates supplemented with erythromycin 
and X-gal and seeded with the cell membrane PliaI-lacZ reporter. Discs impregnated 
with 750 µg bacitracin (b) and the solvent DMSO (D) were used as positive and 
negative control respectively. Strain used: B. subtilis YvQI (liaI-lacZ). 
 

I then tested the minimum inhibitory concentration (MIC) for all extracts in the Gram-

positive model organism B. subtilis 168 and found that 4 aqueous and 14 methanolic 

extracts were growth inhibitory at a concentration of 1% v/v or below (again an example 

MIC assay is displayed; Fig. 43). From an antibiotic discovery point of view and guided 

from these results, I subjected these 18 to a more comprehensive mode of action 

analysis. 

Figure 43: Minimum inhibitory concentrations (MICs) of several methanolic 
Actinomycete extracts in B. subtilis 168. Extracts were assayed over a 4-point, 2-
fold serial dilution curve, from 1% to 0.125% (v/v). All tests were performed in technical 
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triplicate (not shown here), with two biological replicates. Strain used: B. subtilis 168 
(wild type). 

5.2.3 ï Preliminary mode of action experiments of growth inhibitory extracts  

First, I investigated the effect of all 18 extracts upon addition to B. subtilis 168 cells in 

logarithmic growth phase. Their activities varied from no effect on growth at all to both 

inhibitory and lytic, and again example extracts are shown in Fig. 44. Interestingly, for 

Figure 44: The effect of methanolic extracts derived from several Actinomycetes 
strains on growth of B. subtilis 168. Growth kinetics of B. subtilis 168 grown in LB 
to an OD600 of 0.5 and then treated with different extracts at 1% v/v. Arrows indicate 
the time point of extract addition. Data are shown as mean±SD (n=3) and are grouped 
as (A) not growth inhibitory, (B) lytic and (C) growth inhibition prior to delayed lysis. 
Strain used: B. subtilis 168 (wild type). 
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several extracts (e.g., DEM30994, DEM30444 and DEM30486), optical density initially 

increased following addition prior to lysis. This behaviour has also been observed for 

the cell-wall targeting antibiotics, including vancomycin (unpublished data, Sandra 

Laborda Anadón).  

I then performed my combined membrane pore formation and depolarisation screen 

from Chapter 3 on all growth inhibitory extracts to determine any cytoplasmic 

membrane-disrupting effects. This identified 2 methanolic extracts, from strains 

DEM30444 and DEM30486, that triggered an increase in DiSC3(5) fluorescence 

intensity (Fig. 45A), indicative of a loss in membrane potential. There appeared to be 

no change in Sytox Green fluorescence intensity upon addition of extracts from both 

strains (Fig. 45B), however it is unclear due to the jump in fluorescence which is 

explained in 3.2.1. Therefore, to verify these effects, I also tested all 18 extracts with 

simultaneous Sytox Green and DiSC3(5) fluorescent microscopy, which, although 

lower throughput, is more sensitive and changes to the bacterial cell envelope can be 

observed on a single-cell level.  

Figure 45: Fluorometric measurement of membrane depolarisation and pore 
formation triggered by Actinomycete extracts in B. subtilis. Fluorescence intensity 
changes of (A) 1 µM DiSC3(5) and (B) 1 µM Sytox Green in B. subtilis cells at an OD600 
of 0.5, untreated or treated with methanolic extracts from strains DEM30444 and 
DEM30486. The pore forming lantibiotic nisin (10 µM) was used for positive control. 
The time point of compound addition is indicated by an arrow. Data are represented 
as mean±SD (n=3). Strain used: B. subtilis 168 (wild type). 

As expected from the initial screen, extracts from both DEM30444 and DEM30486 

depolarised the cytoplasmic membrane (Fig. 46), and this is triggered by the formation 

of large pores as indicated by the intracellular Sytox Green staining. This also occurred 

for the extract derived from strain DEM31717. Interestingly, although they 

demonstrated no effect on membrane integrity or potential, incubation with both the 

aqueous and methanolic extract of DEM30994 resulted in this ñbulgingò phenotype, 
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shown in Fig. 46. The cause of this will be further investigated later in this chapter. 

Finally, the methanolic extract from DEM30062 did not depolarise the cytoplasmic 

membrane, but instead caused a ñspottyò DiSC3(5) stain, which is commonly observed 

with several membrane dyes as indication of changes in lipid domain organisation 

(Strahl, Bürmann and Hamoen, 2014). 

Figure 46: Effects of extracts on B. subtilis membrane integrity and potential on 
a single-cell level. Phase contrast and fluorescence microscopy of B. subtilis stained 
with 200 nM Sytox Green and 1 µM DiSC3(5), and untreated or treated with extracts 
from different DEM strains (methanolic unless stated) for 100 min. As a positive control, 
the transmembrane potential and the membrane barrier functions were disrupted by 
the pore forming lantibiotic nisin (10 µM). Strain used: B. subtilis 168 (wild type). 
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To test this, I performed Nile red fluorescence microscopy, which preferentially stains 

areas of increased local membrane fluidity, of a B. subtilis strain constitutively 

expressing msfGFP-MreB. Previously, our group demonstrated that formation of fluid 

lipid domains can be associated with delocalisation of the cytoskeletal protein MreB, 

and postulated it to be caused by clustering of undecaprenyl-coupled cell wall 

precursors, such as lipid II (Strahl, Bürmann and Hamoen, 2014). As shown in Fig. 47, 

 

Figure 47: Effect of several extracts on membrane organisation and localisation 
of the bacterial actin homolog MreB in B. subtilis. Phase contrast and fluorescence 
microscopy images of B. subtilis cells expressing msfGFP-MreB stained with 0.5 µg/ml 
Nile red untreated or treated with extracts from different DEM strains (methanolic 
unless stated) for 100 min. Some of the Nile red foci appearing with extract treatment 
are highlighted with white arrows. Strain used: B. subtilis HS553 (msfGFP-mreB). 

treatment with extracts from DEM30062 and DEM31717 caused the emergence of 

brightly stained Nile red foci, which developed into large membrane patches for the 

former. Interestingly, these did not correlate with the localisation of MreB. Finally, for 

those extracts that triggered a ñbulgingò morphology, there was no change in the Nile 

red membrane staining. There was, however, a brighter GFP signal associated with 

the bulging cell areas (Fig. 47). 

To confirm that the Nile red foci were not dependent on the presence of MreB, I 

repeated this microscopy in B. subtilis cells lacking MreB and its two other homologues, 

Mbl and MreBH. Deletion of all three genes results in a spherical morphology due to 
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inhibition of lateral cell wall synthesis (Schirner and Errington, 2009). Despite this, the 

triple mutant cells (ȹmreB, ȹmbl, ȹmreBH) still displayed Nile red foci when treated 

with extracts from both DEM30062 and DEM31717 (Fig. 48), demonstrating that the 

formation of these lipid patches is not associated with the MreB cytoskeleton, or its 

clustering. 

Figure 48: DEM30062 and DEM31717 extract-induced Nile red foci are not 

dependent on MreB. Phase contrast and fluorescence microscopy images of B. 

subtilis cells lacking all three MreB homologues (ȹmreB ȹmbl ȹmreBH) stained with 

0.5 µg/ml Nile red, and untreated or treated with DEM30062 and DEM31717-derived 

extracts for 100 min. Extract-induced foci are indicated by white arrows. Strain used: 

B. subtilis KS60V (ȹmreB ȹmbl ȹmreBH). 

Lastly, I further investigated the mode of action of the extracts that triggered the 

ñbulgingò phenomenon, derived from strain DEM30994. Both the methanolic and 

aqueous extracts did not induce the liaI reporter; however, they did activate ypuA, 

indicative of inhibition of cell wall synthesis (Appendix I). This, in conjunction with the 

change in morphology and altered recruitment of MreB, led us to investigate whether 

these extracts impaired lateral peptidoglycan incorporation. To achieve this, I 

performed a microscopy time course with the fluorescent D-amino acid NADA, which 

allows the analysis of real-time peptidoglycan biosynthesis in growing cells (Kuru et 

al., 2012). As shown in Fig. 49, untreated cells were labelled with NADA but treatment 

with vancomycin (which binds the D-Ala-D-Ala residues of peptidoglycan monomers 

preventing transglycosylation and transpeptidation) completely abolished 

incorporation of NADA. Interestingly, peptidoglycan synthesis continued upon 

treatment with the DEM30994 extracts; however, this resulted in the emergence of 
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NADA foci (Fig. 49). These foci were particularly prominent at one cell pole during short 

incubation times (20 min; white arrows) and migrated to the width of the cell where the 

bulges developed upon longer treatment (40 and 60 min).  

Figure 49: DEM30994 extracts induce aberrant peptidoglycan synthesis in B. 

subtilis. Phase contrast and fluorescence microscopy images of B. subtilis untreated 

or treated with DEM30994 extracts for different incubation times and stained with 250 

µM NADA. White arrows indicate polar localisation of peptidoglycan incorporation. 

Vancomycin (3 µM) was used as a control for inhibition of cell wall synthesis. Strain 

used: B. subtilis 168 (wild type). 

Next, to observe whether this misguided peptidoglycan synthesis aligned with MreB 

localisation, I performed a fluorescence microscopy time course of B. subtilis cells 

expressing msfGFP-MreB and treated with the extracts. Immediately, I noted that 

overall GFP levels were strongly increased in cells treated with the extracts (Fig. 50A).  
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Figure 50: DEM30994 extracts cause changes to MreB localisation in B. subtilis. 
Phase contrast and fluorescence microscopy of B. subtilis cells expressing msfGFP-
MreB untreated or treated with DEM30994 extracts for different times. In (A), 
fluorescence images retain identical contrast settings to allow intensity comparison; 
whilst in (B), contrast settings have been altered between images to allow enhanced 
visualisation of MreB localisation. Polar localisation of MreB is indicated by white 
arrows. Strain used: B. subtilis HS553 (msfGFP-mreB). 

We postulate that as MreB is part of the ůM regulon (Eiamphungporn and Helmann, 

2008), which is induced by these extracts, there is also increased expression of the 

fusion protein. Despite this, I did observe polar localisation of MreB within 10 minutes 
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(Fig. 50B), that dispersed to areas where the cells began to bulge during longer 

incubation times, mirroring the labelling with NADA. We therefore hypothesise that 

these extracts induce an abnormal localisation of the elongasome, as indicated by 

MreB, via an as yet undefined mechanism, which results in misdirected lateral 

peptidoglycan synthesis, changes to cell morphology and ultimately lysis. 

A full list of strains and extracts screened and their various effects can be found in 

Appendix I.  

5.3 ï Discussion 

Natural product compounds have been used as antibacterials since the ñgolden ageò 

of antibiotic discovery during the 1950s. However, more recently, there is the necessity 

to identify agents with novel targets and modes of action to overcome the resistance 

mechanisms evolved by bacteria. Here, I pre-screened a subset of Acintomycetes, 

previously shown by Demuris Ltd to induce a PliaI-lacZ membrane damage reporter 

and identified 38 strains that produced liaI-positive compounds. From these, I 

generated 76 aqueous and methanolic extracts, that, due to the crude methodology, 

could potentially contain 1 or more active product. Subsequent to the extraction 

process, 36 extracts retained their ability to activate the LiaRS response and 18 

exhibited a MIC of 1% v/v or less against the Gram-positive model organism B. subtilis. 

Following preliminary MoA testing, we identified 3 that depolarised the cytoplasmic 

membrane through formation of large pores, 2 that formed MreB-independent fluid lipid 

domains and finally, 2 that induced changes to MreB localisation and subsequently 

lateral peptidoglycan synthesis. I will now discuss each of these in more detail. 

Firstly, all 3 extracts that depolarised the cytoplasmic membrane (DEM30444, 

DEM30486 and DEM31717) were also bacteriolytic in B. subtilis, as determined by 

addition of extracts to logarithmic growth phase cultures. Since it is known that many 

membrane disrupting compounds can kill via triggered autolysis (Jolliffe, Doyle and 

Streips, 1981; Falk, Noah and Weisblum, 2010; Lacriola, Falk and Weisblum, 2013; 

Scheinpflug et al., 2017; Seistrup, 2018),  it would be interesting to test whether these 

extracts also act through membrane depolarisation-induced autolysis by using strains 

deficient for the major autolytic enzymes in B. subtilis (LytABCDEF). The extract from 

DEM31717 also induced MreB-independent fluid lipid microdomains (Fig. 47 and 48). 

This was similarly observed for the membrane-active antibiotic daptomcyin (although 

in the absence of membrane pore formation) and clustering of such fluid lipid-

daptomycin complexes resulted in complete dissociation of MurG and PlsX, proteins 
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involved in cell wall and lipid synthesis respectively, from the membrane (Müller et al., 

2016). Using fluorescent protein fusions, we could determine whether extract 

DEM31717 also causes detachment of peripheral membrane proteins and thus, may 

have pleiotropic effects on other cellular processes. Furthermore, incubation of 

extracts from DEM30444 and DEM30486 with B. subtilis caused an increase in optical 

density prior to lysis. Recent unpublished observations from our group have 

demonstrated that cell wall targeting antibiotics such as vancomycin trigger an 

immediate inhibition of cell envelope expansion, whilst production of intracellular 

biomass continues; resulting in an initial increase in optical density prior to membrane 

depolarisation and cell death (unpublished data, Laborda Anadón). As I only performed 

microscopy at one time point, a combined DiSC3(5) and Sytox Green fluorescence 

microscopy time course experiment would therefore be of benefit to determine whether 

membrane depolarisation occurs only after this rise in optical density and may instead 

be caused by accumulation of cytoplasmic biomass as a result of cell wall synthesis 

inhibition, prior to pore formation. 

Extracts derived from DEM30994 also triggered this initial increase in B. subtilis optical 

density, as observed from growth curves. However, due to activation of the cell wall 

damage reporter PypuA-lacZ and changes to staining with the fluorescent D-amino acid 

NADA, it can be hypothesised that this is instead due to aberrant peptidoglycan 

synthesis. From localisation of NADA and the bacterial actin homologue MreB, it 

appears that there is increased, mislocalised lateral cell wall synthesis that causes the 

bulging phenotype. Despite this, cells continue to grow, accounting for the increase in 

the optical density, before ultimately, misdirection of the elongasome leads to 

weakening of the cell wall in certain areas and lysis. Interestingly, in a previous study, 

a similar change in morphology was associated with abnormal localisation of the major 

bi-functional penicillin-binding protein PBP1 at the cell poles (Kawai, Daniel and 

Errington, 2009); recruitment of which is dependent on MreB. GFP-tagging of this 

protein could therefore be implemented to investigate whether PBP1 also exhibits polar 

localisation upon treatment with these extracts and is responsible for the excess cell 

wall synthetic activity. Nevertheless, although not dependent on membrane potential 

[as previous delocalisation of MreB has been found to be (Strahl and Hamoen, 2010; 

Seistrup, 2018)] the mechanism by which MreB and the elongasome is recruited to 

these membrane regions remains unknown, and requires further elucidation. 
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Finally, the methanolic extract from DEM30062 induced membrane lipid domains of 

increased local fluidity, as demonstrated by the emergence of foci brightly stained with 

the fluidity-sensitive dye Nile red. Such fluid lipid domains have been observed before 

(Strahl et al., 2014; Müller et al., 2016; Wenzel et al., 2018) and are usually triggered 

by membrane depolarisation or delocalisation of MreB. However, those induced by 

extract DEM30062 occurred in the absence of both membrane depolarisation and all 

three bacterial actin homologues (MreB, Mbl and MreBH). Therefore, to the best of our 

knowledge, this is a novel and more direct mechanism of fluid microdomain formation, 

and the extract derived from DEM30062 provides a useful tool to investigate this 

mechanism independent of membrane depolarisation, MreB dissociation and their 

pleiotropic effects. The next stages would be to confirm that the strongly fluorescent 

Nile red foci are not caused by membrane invaginations, which also results in 

increased dye signal due to excess membrane material, as has been previously 

observed for the membrane-active antimicrobials tyrocidines and octenidine (Wenzel 

et al., 2018; Malanovic et al., 2022). If not, we could also more directly determine the 

local fluidity of these membrane regions using fluorescent probes that analyse 

phospholipid packing within the bilayer such as Laurdan (Jay and Hamilton, 2017) and 

DPH (Fox and Delohery, 1987).  

As mentioned in 5.2.2 and shown in Appendix I, one extract also gained LiaI-inducing 

properties in the presence of calcium, whilst three others exhibited larger areas of 

bacterial growth inhibition. These, therefore, resemble calcium-dependent lipopeptide 

antibiotics, such as daptomycin and friulimicin (Debono et al., 1987; Aretz et al., 2000), 

which are rapidly emerging as a novel class of antibacterial agents. The next stages 

would be to repeat the preliminary experiments performed in the presence of calcium 

to observe the calcium-dependent effects of these extracts on bacterial growth and 

morphology, membrane integrity and organisation, and localisation of MreB and the 

cell wall synthetic machinery. 

Moreover, these preliminary mode of action studies have been performed on crude 

extracts derived from solid Actinomycete cultures. Due to the rudimentary extraction 

process, a combination of several active compounds could therefore be present within 

each solution.  To more definitively determine the specific membrane-active agent(s), 

it would be necessary to perform high-performance liquid chromatography (HPLC) 

fractionation, as has been previously described (Eldridge et al., 2002; Tu and Yan, 
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2012), and subsequent large-scale purification for structural and more detailed mode 

of action analyses.  

As mentioned previously, the work described in this chapter was performed in 

conjunction with the SME, Demuris Ltd. My placement there was not only affected by 

the beginning of the global Covid-19 pandemic, but also by the subsequent acquisition 

of Demuris by the larger biotechnology company, Odyssey Therapeutics. Both of these 

were accompanied by logistical and contractual reasons why I unfortunately could not 

continue with my research on these strains and their extracts. Nevertheless, the project 

could be continued by the sequencing and phylogenetic analysis of the producer 

strains to ensure dereplication and provide insight into other characteristics of the 

organism such as its ecology and evolutionary ancestors. Finally, the implementation 

of further bioinformatics processes such as antiSMASH would allow the identification 

of BGCs and their products (Medema et al., 2011), and thus an indication of the 

organismôs secondary metabolites and any potential antimicrobials. 
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Chapter 6 ï Further elucidating the mode of action of clinically 

relevant membrane-targeting antimicrobials and other membrane-

active proteins 

6.1 ï Introduction 

Using methods that I had optimised, in addition to other fluorescent-based techniques, 

I worked on further elucidating the mechanism of action of two currently used 

membrane-active antimicrobials, daptomycin and octenidine, and of PanT toxins 

identified from various bacteria and bacteriophages. The results from the latter 2 

formed part of collaborative publications with Dr Malanovicôs group from University of 

Graz and Dr Atkinsonôs group from Lund University, respectively (Kurata et al., 2022; 

Malanovic et al., 2022). 

As discussed previously, daptomycin is a last resort antibiotic used for the treatment 

of multidrug resistant Gram-positive bacterial infections (Baltz, Miao and Wrigley, 

2005). Despite this important clinical role, its precise mechanism of action is poorly 

understood; however, it is known to inhibit cell wall synthesis [through interaction with 

the peptidoglycan precursor lipid II and delocalisation of the elongasome components, 

MurG and MreB (Müller et al., 2016; Grein et al., 2020)], and preliminary data from our 

group suggested that daptomycin-induced lysis may be autolytic in nature (Seistrup, 

2018). In particular, much controversy is centred on whether this membrane disruption 

is caused by formation of large pores or autolysis. I aimed to further elucidate the 

mechanism of action of daptomycin in the Gram-positive model organism Bacillus 

subtilis, in particular investigating whether in vivo permeabilisation is due to membrane 

pore formation or autolysis, and whether partial membrane depolarisation at low 

concentrations is sufficient to inhibit growth, or additional effects on the cell well are 

required. In addition, doubts have been raised regarding daptomycin-induced 

membrane rigidification (see 1.4.3), as measured by the membrane fluidity fluorescent 

probe Laurdan, due to daptomycinôs intrinsic fluorescent properties. This shall also be 

discussed and tested within this chapter. 

Octenidine is an antiseptic molecule, used for over 30 years for skin, mucous 

membrane and wound antisepsis and patient decolonisation (Hübner, Siebert and 

Kramer, 2010; Jeans et al., 2018; Pichler et al., 2018), due to its broad spectrum 

activity against multidrug resistant Gram-positive and Gram-negative pathogens 

(Conceição, de Lencastre and Aires-de-Sousa, 2016; Alvarez-Marin et al., 2017), and 
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even fungi (Koburger et al., 2010). Its cationic and hydrophobic nature (owing to 

ammonium and octanyl groups respectively) allows for octenidineôs interaction with the 

bacterial cytoplasmic membrane (Assadian, 2016), and recently, it was shown that the 

molecule induces membrane depolarisation and changes in membrane fluidity, due to 

a  dramatic rearrangement of phospholipid packing, in the Gram-negative E. coli 

(Malanovic et al., 2020). In collaboration with Dr Malanovic, we planned to expand this 

mode of action study to Gram-positive bacteria, and whilst their group observed the 

biophysical effects of octenidine, I investigated its membrane effects using 

fluorescence microscopy against the model organism B. subtilis. 

Finally, toxin-antitoxin systems are widespread in bacterial and bacteriophage 

genomes. The toxin proteins act by inhibiting essential cellular processes, including 

targeting DNA polymerase, cleaving tRNAs and mRNAs or compromising integrity of 

the cytoplasmic membrane (Jurǟnas et al., 2022). In the collaborative publication 

(Kurata et al., 2022), Dr Atkinsonôs group discovered that the antitoxin domain 

DUF4065 is found as the cognate to dozens of different toxic domains across Bacteria, 

Archaea, and Bacteriophages, and experimentally characterised 9 PanAT pairs 

(DUF4065-containing antitoxin proteins and their toxin proteins respectively). Our role 

was to investigate the membrane effects of such PanT toxins in E. coli, using 

fluorescence microscopy. 

6.2 ï Results 

6.2.1 ï Daptomycin mode of action 

6.2.1.1 ï Membrane pore formation and autolysis 

To investigate whether daptomycin forms large pores in the cytoplasmic membrane of 

B. subtilis, I performed my optimised Sytox Green membrane pore formation assay. 

Indeed, daptomycin treatment induced an increase in Sytox Green fluorescence; 

however, this was a delayed event, occurring approximately 30 minutes following 

addition (Fig. 51A). Due to this delay and recent preliminary data from our group that 

implied daptomycinôs autolytic activities (Seistrup, 2018), I tested whether this 

fluorescence was instead due to autolysis by repeating the assay on a B. subtilis strain 

deficient for the major autolysins and their regulators (ȹlytABCDEF). Interestingly, 

there was a reduction in daptomycin-induced Sytox Green fluorescence (Fig. 51B); an 

effect that was not observed for the known pore forming lantibiotic nisin.  
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Figure 51: Daptomycin-induced Sytox Green fluorescence is reduced in an 
autolysin deficient B. subtilis mutant. The effect of 10 µg/ml daptomycin on the 
fluorescence intensity of 1 µM Sytox Green in (A) B. subtilis wild type cells and (B) B. 
subtilis cells deficient for cell wall autolytic proteins, LytA-F, at an OD600 of 0.5. The 
pore-forming lantibiotic nisin (10 µM) was used for positive control. The time point of 
antibiotic addition is indicated by an arrow. Data are represented as mean±SD (n=3). 
Strains used: B. subtilis 168 (WT) and B. subtilis KS19 (ȹlytABCDEF). 

To observe this on a single-cell level, I performed phase contrast and Sytox Green 

fluorescence microscopy of B. subtilis wild type cells treated with two concentrations 

of daptomycin (the minimum concentration to inhibit B. subtilis growth at an OD600 of 

0.2 and two-fold greater than this), and at two time points to observe the early and late 

stages of its action. During these experiments, it became immediately apparent, 

especially at the later time point (25 min), that many of the cells had lysed as indicated 

by phase light cells (white arrows; Fig. 52A). In fact, when the proportion of phase light 

cells was quantified, at both concentrations over half of all cells had lysed by 25 

minutes (Fig. 52B). I then determined the individual Sytox Green fluorescence 

intensities of the remaining phase dark cells, defining a signal of 2000 a.u. or greater 

as Sytox Green positive, due to the residual staining of untreated cells, and therefore 

exhibiting membrane pores. As shown in Fig. 52B, the majority of phase dark cells 

were not stained with Sytox Green when compared to our pore forming positive control 

nisin. We therefore hypothesise that the delayed Sytox Green fluorescence observed 

in the plate reader is due to staining of extracellular DNA released during autolysis. A 

representative image of this is shown in Fig. 52C, compared to the intracellular Sytox 

Green staining of nisin-treated cells, indicative of pore formation.  
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Figure 52: Daptomycin induces lysis without significant membrane pore 
formation. (A) Phase contrast microscopy images of B. subtilis wild type cells 
untreated or treated with 10 µg/ml daptomycin for 25 minutes. Fully lysed (phase light) 
cells are highlighted with white arrows. (B) B. subtilis wild type cells were stained with 
200 nM Sytox Green and treated with either 5 µg/ml or 10 µg/ml daptomycin for 5 and 
25 minutes. Percentage of total cells phase light (lysed), phase dark/Sytox positive 
(membrane permeabilised) or phase dark/Sytox negative (membrane intact) are 
shown. Sytox positive was defined as a fluorescence intensity of 2000 a.u. or greater. 
10 µM of the lantibiotic nisin was used as a positive control for pore formation. N=107-
142. (C) Phase contrast and fluorescent microscopy merge of B. subtilis wild type cells 
stained with 200 nM Sytox Green (shown in cyan) and treated with either 10 µM nisin 
or 10 µg/ml daptomycin. Strain used: B. subtilis 168 (wild type). 

As the majority of cells were subject to lysis at the later time point, I then investigated 

how the action of daptomycin was affected in cells incapable of autolysis. Therefore, I 

performed phase contrast and Sytox Green fluorescence microscopy of daptomycin-

treated B. subtilis ȹlytABCDEF cells. Deletion of the major autolysins in B. subtilis 

results in a chaining defect; where individual cells possess a separated cytoplasm but 
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are connected via a continuous peptidoglycan sacculus  (Chen et al., 2009). Therefore, 

to distinguish individual cells, this strain was co-stained with the membrane dye FM5-

95 (Fig. 53A). As shown in Fig. 53, the majority of daptomycin-induced autolysis was 

abolished in this strain. Crucially, the majority of cells remained free from Sytox Green 

staining at both daptomycin concentrations and time points, compared to ~100% of 

nisin-treated cells exhibiting a Sytox Green signal. These results demonstrate that, 

even in the absence of autolysis, we do not observe increased levels of membrane 

pore-formation as a result of daptomycin treatment.  

 

Figure 53: Daptomycin does not cause membrane pore formation even in the 
absence of autolysis. (A) Fluorescent microscopy images of B.subtilis ȹlytABCDEF 
cells co-stained with 2 µg/ml FM5-95 (shown in magenta) and 200 nM Sytox Green 
(shown in cyan), in the absence or presence of either 5 µg/ml or 10 µg/ml daptomycin 
for 5 and 25 minutes (only the later timepoint shown). (B) Quantification of the 
percentage of phase light (lysed), phase dark/Sytox positive (membrane 
permeabilised) or phase dark/Sytox negative cells (membrane intact) is shown. 10 µM 
of the lantibiotic nisin was used as a positive control for pore formation. N=118-230. 
Strain used: B. subtilis KS19 (ȹlytABCDEF). 

6.2.1.2 ï Membrane depolarisation and correlation to growth inhibition 

It was previously shown that growth inhibitory concentrations of daptomycin only cause 

a partial depolarisation of the cytoplasmic membrane (Müller et al., 2016); however, as 

a calibration of the DiSC3(5) assay had not yet been established, the degree of 

depolarisation was not directly quantified. Therefore, to achieve this, I reproduced the 

calibration, previously set up by our group (te Winkel et al., 2016), to specifically 

associate DiSC3(5) fluorescence intensities with pre-defined membrane potential 

levels. Under normal conditions, due to the high H+ transport activity of the respiratory 
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chain, the membrane potential is dominated by the H+ gradient (Mitchell, 1961; 

Saraste, 1999). This, however, changes upon addition of the K+-specific ionophore 

valinomycin, allowing the membrane permeability for K+ to be exclusively increased to 

such an extent that membrane potential is now determined by the K+ gradient. Using 

this and the Nernst equation, I calculated (with an online Nernst Potential Calculator 

[PhysiologyWeb, 2005]) the extracellular K+ concentrations necessary to achieve 

different K+ equilibrium potentials (assuming an intracellular concentration of 300 mM 

and ~6 mM present in yeast extract) and subsequently prepared HEPES-KCl growth 

media using these calculations (Table 9).  

Table 9: K+ equilibrium potentials and the extracellular K+ concentration 
required to achieve them, assuming an intracellular concentration of 300 mM. 

VEq. (mV)  [K+]in (mM)  [K+]out (mM)  

0  300  300  

-50  300  46.2  

-60  300  31.8  

-70  300  21.9  

-80  300  15  

-90  300  10.3  

-100  300  7.1  

-105  300  6  

 

I then performed the DiSC3(5) membrane depolarisation assay with B. subtilis cells 

grown in these media, dissipating the membrane potential with valinomycin (Fig. 54A). 

The resulting measurements were then used to calculate the mean DiSC3(5) 

fluorescence associated with each equilibrium potential, as well as the 95% confidence 

interval of the mean (Fig. 54B). These were plotted alongside the dissipation of 

membrane potential trigged by different concentrations of daptomycin in the HEPES-

NaCl growth medium. As shown in Fig. 55, the minimum concentration of daptomycin 

to inhibit growth of B. subtilis at an OD600 of 0.2 (5 µg/ml) only caused a depolarisation 

of the cytoplasmic membrane down to ~-70 mV. This prompted the question of whether 

this degree of depolarisation alone would be sufficient to inhibit B. subtilis growth.  
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Figure 54: Calibration of the DiSC3(5) membrane depolarisation assay in B. 
subtilis. (A) Fluorescence kinetics of B. subtilis cells grown to an OD600 of 0.2 in 
HEPES medium of varying K+ concentrations, stained with 1 µM DiSC3(5) and treated 
with 5 µM valinomycin to dissipate the membrane potential to a pre-defined level. Data 
are show as mean±SD (n=3) and the time point of valinomycin addition is indicated by 
an arrow. (B) The mean DiSC3(5) fluorescence and 95% confidence interval of the 
mean calculated from the plateau for each K+ equilibrium potential (n=30). Strain used: 
B. subtilis 168 (wild type). 

 

Figure 55: Correlation between daptomycin-induced growth inhibition and 
membrane depolarisation in B. subtilis. (A) Growth kinetics of B. subtilis cells grown 
in HEPES-NaCl medium to an OD600 of 0.2, in the absence and presence of different 
daptomycin concentrations. (B) Dissipation of the membrane potential by different 
daptomycin concentrations in B. subtilis cells grown to an OD600 of 0.2 in HEPES-NaCl 
medium. The calibration depicted to the right represents the mean DiSC3(5) 
fluorescence intensities from cells with predefined membrane potential levels, as 
calculated from Fig. 51A. All data are show as mean±SD (n=3) and the time points of 
daptomycin addition are indicated by arrows. Strain used: B. subtilis 168 (wild type). 

Therefore, I observed the growth kinetics of valinomycin-treated cells in the presence 

of varying extracellular K+ concentrations to determine the effect that membrane 

potential exhibited on the ability of B. subtilis to grow. We believe that this is the first 

time an experiment has directly linked degree of membrane potential and growth in B. 

subtilis, and as demonstrated in Fig. 56, there is a clear threshold at which growth is 
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still supported (~-80 mV). Thus, the partial membrane depolarisation induced by 

growth inhibitory concentrations of daptomycin (~-70 mV) is capable of inhibiting 

growth in B. subtilis on its own.  

 

Figure 56: Correlation between membrane potential and growth in B. subtilis. 
Growth kinetics of B. subtilis cells grown to an OD600 of 0.2 in HEPES medium of 
varying K+ concentrations and treated with 5 µM valinomycin to dissipate the 
membrane potential to a pre-defined level. Growth is supported at membrane 
potentials of -80 mV and below. The time point of valinomycin addition is indicated by 
an arrow. Data are represented as mean±SD (n=3). Strain used: B. subtilis 168 (wild 
type). 

6.2.1.3 ï Intrinsic calcium-dependent fluorescence of membrane-bound 

daptomycin 

Daptomycin possesses a kynurenine residue that is intrinsically fluorescent, and 

maximally fluoresces upon insertion into the phospholipid bilayer, facilitated by the 

presence of  Ca2+, with an approximate maximum emission wavelength of 450 nm 

(Lakey and Ptak, 1988; Jung et al., 2004). Since the emission wavelength of the 

fluorescent probe Laurdan shifts to ~440 nm upon decreases in membrane fluidity, this 

casted doubts on whether the Laurdan-based membrane fluidity measurements 

previously performed by our group (Müller et al., 2016) observed daptomycin-induced 

membrane rigidification or the intrinsic fluorescent properties of daptomycin. To 

investigate this, I first confirmed that Laurdan exhibited a shift in peak fluorescence 

upon addition of daptomycin to stained-B. subtilis (Fig. 57A). Then to observe the effect 

of daptomycin fluorescence alone, I repeated this in the absence of Laurdan (Fig. 57B). 

Similarly to previous studies, in the absence of Ca2+, daptomycin was only weakly 

fluorescent with an emission peak of ~465 nm, however addition of Ca2+ led to a ~20 

nm blue shift and a 5-fold increase in fluorescence intensity, directly overlapping with 

the spectral shift of Laurdan. 
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Figure 57: Laurdan-independent increase in daptomycin fluorescence upon 
addition of calcium. (A) Fluorescence emission spectra of B. subtilis stained with 10 
µM Laurdan in the presence of 1.25 mM CaCl2, following addition of 2 µg/ml 
daptomycin, at an excitation wavelength of 360±20 nm. (B) Fluorescence emission 
spectra of B. subtilis treated with 2 µg/ml daptomycin, in the absence and presence of 
1.25 mM CaCl2, at an excitation wavelength of 360±20 nm. Strain used: B. subtilis 168 
(wild type).  

To circumvent the issue of daptomycinôs intrinsic fluorescence, we obtained a variant 

of daptomycin (from here on, referred to as NF-DAP) from Dr Scott Taylorôs group at 

the University of Waterloo, with 3 amino acid substitutions: O6K, mE12E, but most 

importantly the kynurenine at position 13 changed to tryptophan (Kyn13W), thereby 

abolishing daptomycinôs natural fluorescence. I first performed a MIC assay to 

determine whether the antibacterial activity of this variant differed compared to wild 

type daptomycin, and as shown in Table 10, NF-DAP exhibited an 8-fold higher MIC. 

Therefore, in experiments directly testing daptomycinôs activity, I included NF-DAP at 

a concentration 8-times higher. 

Table 10: Minimum inhibitory concentrations (MICs) of daptomycin and a variant, 
NF-DAP, against B. subtilis 168. 

 

Compound 

B. subtilis 168 

MIC (µg/ml) 

Daptomycin 1.56 

NF-DAP 12.5 

N=3. 

First, I observed the spectra of both types of daptomycin in B. subtilis in the absence 

of Laurdan (Fig. 58A). As expected, in both the absence and presence of Ca2+, NF-

DAP exhibited no fluorescence at any wavelength. Therefore, since this variant would 

have no effect on its spectral shift, I used Laurdan to investigate whether NF-DAP 

induced changes to B. subtilis membrane fluidity. Even at 8-times the concentration of 
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normal daptomycin, NF-DAP demonstrated no effect on Laurdan fluorescence (Fig. 

58B), implying that it does not cause a rapid rigidification of the membrane. Hence, 

previous daptomycin mode of action studies utilising Laurdan as a membrane fluidity 

probe cannot be relied upon, due to interference by the intrinsic fluorescence of 

daptomycin. 

 

Figure 58: NF-DAP has no effect on membrane fluidity in B. subtilis, as measured 
by the fluorescent probe Laurdan. (A) Fluorescence emission spectra of B. subtilis 
treated with 2 µg/ml daptomycin (WT DAP) or 2 µg/ml NF-DAP, in the absence and 
presence of 1.25 mM CaCl2, at an excitation wavelength of 360±20 nm. (B) 
Fluorescence emission spectra of B. subtilis stained with 10 µM Laurdan in the 
presence of 1.25 mM CaCl2, following addition of WT DAP (2 µg/ml) or NF-DAP (2 or 
16 µg/ml), at an excitation wavelength of 360±20 nm. Strain used: B. subtilis 168 (wild 
type).  

6.2.1.4 ï Dependency on undecaprenyl-coupled cell wall precursors in vivo 

Next, I aimed to investigate whether daptomycin exhibits a dual mode of action, or 

instead whether its abilities to inhibit cell wall synthesis and depolarise the cytoplasmic 

membrane are inherently linked. As mentioned previously, a recent paper 

demonstrated that daptomycin inhibits cell wall synthesis through its interaction with 

undecaprenyl-coupled peptidoglycan precursors (Grein et al., 2020). We therefore 

wanted to determine whether daptomycin-induced membrane depolarisation was also 

dependent on this interaction. To achieve this, we used L-forms, which are cell wall 

deficient bacterial variants and permit deletion of genes in the peptidoglycan 

biosynthesis pathway; that would otherwise be lethal (Kawai, Mercier and Errington, 

2014). Using this system, we deleted the upps gene which encodes undecaprenyl 

pyrophosphate synthase, thereby preventing the synthesis of any undecaprenyl-

coupled cell wall precursors, including lipid II. To prevent cell lysis by osmotic shock, 

L-forms are cultured in an osmoprotective medium composed of Nutrient Broth, 

magnesium, sucrose and maleic acid (NB-MSM). As shown in Fig. 59, DiSC3(5) 



110 
 

fluorescence intensities were lower in this medium compared to LB in wild type B. 

subtilis rods. Despite this, there was still a detectable difference in DiSC3(5) staining 

between polarised and depolarised cells (caused by the channel forming peptide 

gramicidin) in NB-MSM. 

Figure 59: The effect of osmoprotective medium on DiSC3(5) fluorescence 
intensities in B. subtilis 168. Phase contrast and fluorescence microscopy images of 
B. subtilis 168 grown in LB or NB-MSM, stained with 1 µM DiSC3(5), in the absence 
and presence of 10 µM of the channel forming peptide gramicidin (5 min). Strain used: 
B. subtilis 168 (wild type). 

We therefore performed DiSC3(5) fluorescence microscopy of B. subtilis ȹupps L-

forms in NB-MSM, and as demonstrated in both the microscopy images and 

quantification of single-cell fluorescence levels, daptomycin still induced membrane 

depolarisation (Fig. 60A, B), suggesting that it is not dependent on interaction with lipid 

II or any other undecaprenyl-coupled precursors. 

Moreover, as discussed earlier, daptomycin triggers formation of fluid lipid 

microdomains (Müller et al., 2016), which we speculated to be due to its interaction 

with lipid II (Strahl, Bürmann and Hamoen, 2014), and is now consistent with the recent 

findings from Grein et al. (2020). In addition, due to the intrinsic fluorescence of the 

kynurenine residue in daptomycin, we were able to directly observe the colocalisation 
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between daptomycin and these fluid membrane regions, which are preferentially 

stained by FM5-95 (Fig. 61).  

Figure 60: Daptomycin still induces membrane depolarisation in B. subtilis L-
forms lacking cell wall precursors. (A) Phase contrast and fluorescence microscopy 
of B. subtilis ȹupps L-forms stained with 1 µM DiSC3(5), in the absence and presence 
of 10 µg/ml daptomycin (25 min). The channel forming peptide gramicidin was used as 
a positive control for membrane depolarisation (10 µM, 5 min). (B) Quantification of 
DiSC3(5)-fluorescence for individual cells from the dataset shown in panel A (n=65-78 
cells). Median fluorescence intensity is indicated with a magenta line, together with P 
values of a one-way, unpaired ANOVA. **** represents p < 0.0001. Performed in 
collaboration with Alan Koh. Strain used: B. subtilis AK199B (ȹupps).  

 

Figure 61: Daptomycin colocalises with fluid lipid microdomains in B. subtilis. 
Phase contrast and fluorescence microscopy of B. subtilis cells stained with 2 µg/ml 
FM5-95 (shown in red) and treated with 2 µg/ml daptomycin (shown in blue) for 60 min. 
Due to the intrinsic fluorescence of daptomycin, its localisation can be directly 
observed. Strain used: B. subtilis 168 (wild type). 

Further evidence to support a lipid II-independent mechanism of action is that this 

domain formation is not observed upon incubation with NF-DAP (Fig. 62A), which, as 

stated previously, possesses 3 amino acid substitutions, suggesting that this variant 

no longer binds lipid II. Despite this, NF-DAP still caused an extensive depolarisation 
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of the cytoplasmic membrane in B. subtilis (Fig. 62B, C), reiterating that lipid II 

interaction is not required for daptomycin-induced membrane depolarisation. 

Figure 62: A daptomycin variant does not induce formation of fluid lipid 
microdomains, but still causes membrane depolarisation in B. subtilis. Phase 
contrast and fluorescence microscopy of B. subtilis stained with (A) 2 µg/ml FM5-95 or 
(B) 1 µM DiSC3(5), in the absence and presence of 2 µg/ml native daptomycin or 16 
µg/ml NF-DAP (8-fold concentration due to higher MIC; see above, 60 and 25 min for 
(A) and (B), respectively). The channel forming peptide gramicidin was used as a 
positive control for membrane depolarisation (10 µM; 5 min). Representative fluid 
domains are highlighted with white arrows. (C) Quantification of DiSC3(5)-fluorescence 
for individual cells from the dataset shown in panel B (n=83-149). Median fluorescence 
intensity is indicated with a magenta line, together with P values of a one-way, unpaired 
ANOVA. **** represents p < 0.0001. Strain used: B. subtilis 168 (wild type). 

6.2.2 ï Octenidine mode of action 

6.2.2.1 ï Octenidine-induced membrane depolarisation and pore formation 

To ascertain the mode of action of octenidine (OCT) in the Gram-positive B. subtilis, I 

first determined its susceptibility against cells in logarithmic growth at the 

concentrations used previously by the Malanovic group (Malanovic et al., 2020). In 

contrast to the Gram-negative E. coli, both 0.001% and 0.0004% were rapidly lytic in 

B. subtilis and whilst 0.0001% is initially lytic, growth does start to reoccur 

approximately one hour after addition (Fig. 63).  

I then performed combined Sytox Green and DiSC3(5) fluorescent microscopy to 

simultaneously investigate the effect of OCT on membrane integrity and membrane 

potential. At the lowest concentration tested, OCT caused a heterogeneous 

depolarisation of B. subtilis (as demonstrated by a reduction in DiSC3(5) fluorescence; 

Fig. 64A, B). With increasing OCT concentration, the depolarisation became more 

homogenous and extensive. At higher concentrations, OCT also permeabilised the 

cytoplasmic membrane, as indicated by staining with Sytox Green. 
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Figure 63: Effect of OCT on the growth of B. subtilis 168. Growth kinetics of B. 
subtilis 168 grown in LB to an OD600 of 0.5 then treated with different OCT 
concentrations. An arrow indicates the time point of compound addition. Data are 
shown as mean±SD (n=3). Strain used: B. subtilis 168 (wild type). 

 

6.2.2.2 ï Octenidine-induced changes to membrane organisation and fluidity 

To further investigate the effect of OCT on the membrane, I performed combined Nile 

red and DAPI fluorescence microscopy. As shown in Fig. 65A, Nile red stains untreated 

B. subtilis membranes in a homogeneous manner without a visible preference for 

certain membrane areas. Upon incubation with OCT, however, I observed the 

emergence of brightly stained Nile red foci, which developed into larger membrane 

areas at the highest concentration. Interestingly, overall Nile red fluorescence levels 

were strongly increased in cells treated with OCT (Fig. 65B), and when quantified, 

fluorescence of 0.001% OCT-treated cells was significantly higher compared to 

untreated (Fig. 65C). It has been previously shown that Nile red fluorescence intensity 

is influenced by changes in fluidity of the membrane  (Kucherak et al., 2010; Strahl, 

Bürmann and Hamoen, 2014); therefore it is likely that this increase in Nile red 

fluorescence correlates to an increase in overall membrane fluidity. I also observed 

membrane areas with very low Nile red staining, and at the highest concentration, fully 

lysed cells (highlighted by white and red arrows respectively; Fig. 65A).  
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Figure 64: OCT disrupts the membrane barrier function in B. subtilis. (A) Phase 
contrast and fluorescence microscopy images of B. subtilis cells co-stained with the 
DiSC3(5) and Sytox Green, and incubated in the absence and presence of different 
OCT concentrations for 5 min. The pore forming lantibiotic nisin was used as a positive 
control (10 µM). (B) Quantification of DiSC3(5) and Sytox Green-fluorescence for 
individual cells from the dataset shown in panel A (n=90-130 cells). Median 
fluorescence intensity is indicated with a black line, together with P values of unpaired, 
two-sided t-tests. **** represents p < 0.0001 whereas ns indicates a non-significant 
difference. Strain used: B. subtilis 168 (wild type). 
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Figure 65: OCT disrupts membrane organisation and fluidity in B. subtilis. (A) 
Phase contrast and fluorescence microscopy images of B. subtilis cells co-stained with 
the membrane dye Nile red and the DNA dye DAPI, in the absence and presence of 
different OCT concentrations (5 min). Contrast settings have been altered between 
images to allow enhanced visualisation of fluorescent membrane patches. Membrane 
areas weakly stained by Nile red and fully lysed cells are highlighted with white and 
red arrows, respectively. (B) Phase contrast and fluorescence microscopy images of 
B. subtilis stained with Nile red in the absence and presence of 0.001 % OCT (5 min). 
Here, the fluorescence images retain identical contrast settings to allow intensity 
comparison. (C) Quantification of Nile red-fluorescence for individual cells from the 
same imaging dataset shown in panels A and B (n=118-199 cells). Median cell Nile 
red-fluorescence intensities are indicated with magenta lines, together with P values 
of unpaired, two-sided t-tests. **** represents p < 0.0001 whereas ns indicates a non-
significant difference. Strain used: B. subtilis 168 (wild type). 
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To investigate whether the weakly-stained membrane areas were due to OCT-induced 

membrane disturbances, or linked to the ongoing cell lysis process, I repeated the Nile 

red fluorescent microscopy in a B. subtilis strain deficient of its major autolysins 

(ȹlytABCDEF). As expected, no lysis was observed microscopically, even when the 

cells were treated with the highest dose of OCT for 30 minutes (Fig. 66). Whilst 

incubation of ȹlytABCDEF cells with OCT still induced a spotty Nile red membrane 

stain, the weakly-stained membrane areas were absent in this strain, indicating that 

this phenomenon is not a direct consequence of OCT. Rather, the emergence of such 

areas is a secondary phenomenon associated with the developing cell lysis process.  

 

Figure 66: OCT-induced weakly Nile red-stained membrane areas are a 

manifestation of cell lysis. Phase contrast and fluorescence microscopy images of 

B. subtilis cells deficient for cell wall autolytic enzymes LytA-F, co-stained with the 

membrane dye Nile red and the DNA dye DAPI, in the absence and presence of 

different OCT concentrations (5 or 30 min). Note the lack of weakly Nile red-stained 

membrane areas, as observed in lysing wild type cells, whilst the brightly stained foci 

are still present. Due to the lack of cell wall hydrolase activity, these cells exhibit a 

chainy cell morphology as they cannot complete septal cleavage. Strain used: B. 

subtilis KS19 (ȹlytABCDEF). 

Finally, it has been previously reported that antimicrobial peptides induce demixing in 

PG/PE bilayers, forming distinct domains enriched with either phospholipid (Arouri, 

Dathe and Blume, 2009; Finger et al., 2015) and that the anionic phospholipid CL forms 
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polar localised domains in a number of bacterial species, including B. subtilis 

(Mileykovskaya and Dowhan, 2000; Matsumoto et al., 2006). Therefore, to investigate 

whether these OCT-induced membrane disturbances were due to aberrant clustering 

of specific phospholipid species, I used strains incapable of producing CL (ȹclsA, 

ȹclsB, ȹywiE), PE (ȹpsd), glucolipids (ȹugtP), lysyl-PG (ȹmprF) and 

phosphatidylserine (ȹpssA). I also observed what effect depleting wall- and lipoteichoic 

acids had in this context, ȹtagO and ȹyfnI, ȹyqgS, ȹltaS strains, respectively. I first 

performed MIC experiments to ensure that these strains remained susceptible to OCT 

treatment, and as shown in Table 11, all strains exhibited the same or 2-fold lower MIC 

compared to wild type. 

Table 11: Minimum inhibitory concentrations (MICs) of octenidine against 
various B. subtilis 168 strains incapable of producing different phospholipid and 
teichoic acid species. 

 

Strain genotype 

OCT 

MIC (% w/v) 

wild type 0.0001 

ȹclsA, ȹclsB, ȹywiE 0.00005 - 0.0001 

ȹpsd 0.00005 - 0.0001 

ȹugtP 0.00005 - 0.0001 

ȹmprF 0.00005 - 0.0001 

ȹpssA 0.00005 - 0.0001 

ȹtagO 0.00005 

ȹyfnI, ȹ yqgS, ȹltaS 0.00005 

N=3. Strains used: B. subtilis 168 (WT), ARK3 (ȹclsA, ȹclsB, ȹywiE), KS119 (ȹpsd), 
AK0117B-A (ȹugtP), AK0118B-A (ȹmprF), AK0119B-A (ȹpssA), AK094B (ȹWTA) and 
AK066B (ȹLTA). 

Next, I repeated Nile red staining with these strains, and the emergence of brightly 

stained Nile red foci still occurred in the absence of all phospholipid species and 

teichoic acids (Fig. 67), demonstrating that the action of OCT is not phospholipid- or 

teichoic acid-specific. 
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Figure 67: The activity of OCT in B. subtilis is not phospholipid or teichoic acid 
specific. Phase contrast and fluorescence microscopy images of B. subtilis cells 
deficient for certain phospholipids and teichoic acids, stained with the membrane dye 
Nile red in the absence and presence of 0.001% OCT (5 min). Strains used: B. subtilis 
168 (WT), ARK3 (ȹclsA, ȹclsB, ȹywiE), KS119 (ȹpsd), AK0117B-A (ȹugtP), 
AK0118B-A (ȹmprF), AK0119B-A (ȹpssA), AK094B (ȹWTA) and AK066B (ȹLTA). 



119 
 

6.2.2.3 ï Octenidine-induced membrane invaginations 

Finally, one potential cause of strongly fluorescent Nile red foci are membrane 

invaginations, which, due to excess membrane material, result in an increased 

membrane dye signal. To test whether OCT generates membrane invaginations, I 

observed the co-localisation between the Nile red signal and the FoF1 ATP synthase, 

which under normal conditions exhibits a uniform localisation pattern along the 

membrane (Strahl, Bürmann and Hamoen, 2014). As shown in Fig. 68A, treatment with 

OCT induced strong clustering of the ATP synthase subunit AtpA, which clearly co-

localised with the fluorescent Nile red foci. Hence, these foci are indeed associated 

with a local folding of the membrane. In contrast, this is not observed for the control 

CCCP, which induces areas of high local membrane fluidity that are also preferentially 

stained by Nile red but are not associated with membrane invaginations (Strahl, 

Bürmann and Hamoen, 2014).  

Figure 68: OCT-induced Nile red foci are due to membrane invaginations in B. 
subtilis. (A) Phase contrast and fluorescence microscopy images of Nile red-stained 
B. subtilis cells expressing AtpA-GFP, in the absence and presence of 0.001 % OCT 
(5 min). Note the co-localisation of OCT-induced Nile red and AtpA-GFP foci, which 
indicates membrane invaginations as the cause for high local Nile red intensity. The 
protonophore CCCP was used as a control, which induces invagination-independent 
Nile red foci associated with high local membrane fluidity, that do not influence AtpA-
GFP localisation pattern. (B) SIM images of B. subtilis cells expressing sfGFP from a 
strong ribosomal promoter (PrpsD) and stained with Nile red in the absence and 
presence of 0.001% OCT. Note that the OCT-induced membrane invaginations 
exclude soluble, cytoplasmic GFP (white arrows). Strains used: B. subtilis BS23 (atpAȤ
gfp) and bSS421 (PrpsD-sfGFP). SIM performed in collaboration with Henrik Strahl. 
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To confirm these findings through a more direct approach, I performed dual-colour SIM 

of Nile red-stained B. subtilis PrpsD-sfGFP cells, which constitutively express high 

levels of cytoplasmic GFP under control of the promoter for ribosomal protein S4. In 

untreated cells, I observed a uniform staining of the membrane and the cytoplasm was 

flooded with GFP (Fig. 68B). However, upon treatment with OCT, the Nile red foci were 

clearly associated with exclusion of the GFP signal (white arrows). This provides 

strong, direct evidence that OCT indeed induces membrane invaginations. Whilst 

likely, due to the presence of local membrane folds, we unfortunately cannot conclude 

whether the brightly stained Nile red membrane areas are also altered in local fluidity 

and disorder. 

6.2.3 ï Mode of action of membrane-active PanT toxins 

6.2.3.1 ï Generation of PanT mutants 

Recently, Dr Aktinson and her group identified a domain of antitoxin function, 

DUP4065, that was able to neutralise a number of distinct toxins without conserved 

homology (Kurata et al., 2022). We were involved in deciphering the activity of 8 

experimentally characterised toxins associated with this domain (known as PanT 

toxins), in particular determining whether they disrupt the E. coli cytoplasmic 

membrane. Therefore, pBAD33 vectors containing the PanT toxins from various 

bacterial and bacteriophage origins (listed in Table 12) were constructed and sent to 

us by Dr Atkinson. I first transformed these into E. coli BW25113 and used E. coli 

BW25113 transformed with the empty vector as a control strain. 

Table 12: Experimentally characterised PanT toxins, including their origin 
organism and description. 

Organism Toxin description 

Escherichia coli STEC O31 PanTEsc. col. 

Bartonella apis PanTBar. api. 

Helicobacter sp. 13S00482-2 PanTHel.sp. 

Bifidobacterium ruminantium PanTBif. rum. 

Pseudomonas moraviensis PanTPse. mor. 

Bacillus subtilis Ia1a PhRel2Bac. sub. 

Vibrio harveyi CapRelVib. har. 

Burkholderia prophage phi52237 PanTBur. phage 

I then tested that this had been successful by growing the transformants on agar plates 

supplemented with both chloramphenicol and glucose, and chloramphenicol and 



121 
 

arabinose. Arabinose induces PanT toxin expression; thus growth of the mutants was 

not observed on these plates (Fig. 69). 

Figure 69: Induction of PanT toxins inhibits growth of E. coli. E. coli BW25113 
was transformed with a pBAD33-based plasmid (either empty vector or L-arabinose 
inducible PanT expression plasmid) and transformants were streaked on uninducing 
(0.2% glucose) or inducing (0.2% arabinose) NA plates supplemented with 34 µg/ml 
chloramphenicol for plasmid maintenance. The plates were scored after an overnight 
incubation at 37 °C and no strains grew under inducing conditions. 

6.2.3.2 ï PanT toxin-induced membrane depolarisation and pore formation 

It was observed that several PanT toxins caused an unspecific inhibition of 

transcription, translation and DNA replication, more representative of a general 

metabolic shutdown caused by targeting of the cytoplasmic membrane (Kurata et al., 

2022). To directly investigate this, we performed simultaneous DiSC3(5) and Sytox 

Green fluorescence microscopy upon toxin induction. As shown in Fig. 70, PanTEsc. col., 

PanTBar. api. and PanTHel. sp. all act through membrane depolarisation which, in the case 

of PanTEsc. col. and PanTBar. api., is caused by formation of large pores. Induction of 

PanTBif. rum. and PanTPse. mor. caused a weaker membrane depolarisation, and since 

these toxins are predicted to be RNases, it is more likely that this is due to an indirect 

effect on respiration or central carbon metabolism. Finally, no changes in membrane 

integrity were observed upon induction of PhRel2Bac. sub., CapRelVib. har. and 

PanTBur. phage; and the latter two are proposed to predominantly target translation and 

transcription, respectively.  
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